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Abstract: The anaerobic fungi represent a basal fungal lineage, members of which reside 
in the rumen and alimentary tract of herbivores. Due to their reported capacity to degrade 
plant materials, the anaerobic fungi have recently been touted as promising agents for 
biofuel production. In the first part of this thesis, I present the first reported genomic 
analysis of a member of the anaerobic gut fungi, Orpinomyces sp. strain C1A. The 
genome of strain C1A was sequenced using a combination of Illumina and PacBio SMRT 
technologies. The large genome (100.95 Mb, 16,347 genes) displayed extremely low 
G+C content (17.0%), large non-coding intergenic regions (73.1%), a proliferation of 
microsatellite repeats (4.9%), and multiple gene duplications. Comparative genomic 
analysis identified multiple genes and pathways that are absent in Dikarya genomes but 
present in basal fungal lineages and/or non-fungal Opisthokonts. Analysis of the 
lignocellulolytic machinery in the C1A genome revealed an extremely rich repertoire, 
with evidence of horizontal gene acquisition from multiple bacterial lineages. 
Experimental analysis indicated that strain C1A is a remarkable biomass degrader, 
capable of simultaneous saccharification and fermentation of the cellulosic and 
hemicellulosic fractions in multiple untreated grasses and crop residues examined, with 
the process significantly enhanced by mild pretreatments. 
In the second part of my thesis, I analyzed the transcriptomic profiles of C1A when 
grown on four different types of lignocellulosic biomass (alfalfa, energy cane, corn 
stover, and sorghum) versus a soluble sugar monomer (glucose). My overall goal was to 
understand the mechanistic and regulatory basis of biomass deconstruction in anaerobic 
fungi. Transcriptomic sequencing yielded a total of 468.2 million reads (70.2 GB) that 
were assembled into 27,506 distinct transcripts. Transcripts belonging to Carbohydrate 
Active Enzymes (CAZYmes) included 385, 246, and 44 transcripts belonging to 44, 13, 
and 8 different glycoside hydrolases (GH), carbohydrate esterases (CE), and 
polysaccharide lyases (PL) families, respectively. Examination of CAZyme 
transcriptional patterns indicates that strain C1A constitutively transcribes a high baseline 





substrates was associated with a significant increase in transcriptional levels in few GH 
families, including the highly transcribed GH1 β-glucosidase, GH6 cellobiohydrolase, 
and GH9 endogluconase, the transcriptional levels of the majority of CAZymes families 
and transcripts were not significantly altered in glucose grown versus lignocelluosic 
biomass-grown cultures. Further, strain C1A co-transcribes multiple functionally 
redundant enzymes for cellulose and hemicellulose saccharification that are 
mechanistically and structurally distinct. Analysis of fungal dockerin domain (FDD)-
containing transcripts strongly suggests that anaerobic fungal cellulosomes represent 
distinct catalytic units capable of independently attacking and converting intact plant 
fibers to sugar monomers. Collectively, these results demonstrate that strain C1A 
achieves fast, effective biomass degradation by the simultaneous employment of a wide 
array of constitutively-transcribed cellulosomal-bound and free enzymes with 
considerable functional overlap. 
The thesis hence represents the first in-depth evaluation of the genome and transcriptome 
of a member of this poorly studied group of fungi. Collectively, my work has revealed 
multiple novel insights into the metabolic capabilities, cell biology, and genomic 
architecture of anaerobic fungi such as the presence of unique pathways and processes 
not encountered in higher fungi, genomic features shaped by its unique evolutionary 
trajectory, extensive lignocellulolytic gene repertoire, and regulatory mechanisms 
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  Currently, the majority of the world’s energy production is derived from non-renewable fossil 
fuels such as crude oil, coal, and natural gas. The heavy reliance on these fuels creates a 
multitude of problems both in the near future and long term for energy production. Continuous 
reliance on fossil fuels leads to the depletion of extractable reserves of these non-renewable 
resources. The production and distribution of these fuels are subject to spasmodic interruptions 
due to natural disasters or geopolitical events, which can create economic instabilities in 
developed and emerging economies.  More importantly, the use of fossil fuels contributed to the 
global rise in atmospheric CO2 levels, a process linked to global warming and the increase in the 
frequency and intensity of severe weather patterns. 
Due to these aforementioned issues, a great emphasis has been placed on the development of 
alternate renewable energy sources that are sustainable and environmentally benign. Proposed 
alternate energy sources include solar energy, nuclear energy, wind power, hydroelectric power 
and biofuel production. Of these biofuels production has a distinct advantage: The final product 
(ethanol, longer chain alcohols, biodiesel, or alkanes) could directly be utilized using the existing 
energy infrastructure. Currently, the majority of biofuel production is achieved through 
saccharification and fermentation of food crops, such as corn or sugarcane. Nevertheless, the 
production of biofuels from edible crops in a hungry world represents a moral dilemma. 
Lignocellulosic biomass is defined as raw, non-edible plant biomass that is mainly composed of 
sugar (cellulose and hemicellulose) and aromatic (lignin) polymers. Lignocellulosic biomass 
represents a vast, renewable, and underutilized resource for biofuels production. Biofuel derived 
from lignocellulosic biomass (often referred to as cellulosic or second generation biofuels) 
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alleviates the moral stigma of using edible crops for biofuel production, as well as the need for 
the expansion of farming acreage. 
Currently, the production of biofuels from lignocellulosic biomass is technically feasible, but too 
expensive to allow for its widespread utilization and commercialization. In this process, enzymes 
are utilized to extract sugar from plant polymers, and the produced sugars are then converted into 
biofuel using dedicated sugar-metabolizing microorganisms. The main plant polymers targeted 
for biofuel production in lignocellulosic biomass are cellulose and hemicellulose, both of which 
are structural components of plant cell walls and are chemically bound to a variety of complex 
macromolecules, mainly lignin. Enzymatic treatment of lignocellulosic biomass is a complex and 
costly endeavor requiring a mixture of multiple enzymes to depolymerize cellulose and 
hemicellulose.  
Anaerobic fungi reside in the rumen and alimentary tract of ruminant and non-ruminant 
herbivores.  Members of the anaerobic fungi represent a distinct fungal phylum (The 
Neocallimastigomycota) and have previously been shown to be efficient degraders of plant 
biomass. As such, I reasoned that the anaerobic fungi could represent promising agents for 
biofuel production from lignocellulosic biomass. Such reasoning represents the basis of my 
dissertation where I critically evaluate such an idea using genomic and transcriptomic 
approaches. 
Chapter I of this dissertation describes the history of anaerobic fungi, the current barriers for 
lignocellulosic biofuel production, and the initial work conducted by prior colleagues in Dr. 
Elshahed laboratory to demonstrate anaerobic fungi’s remarkable ability to degrade various types 
of lignocellulosic biomass. 
 In chapter II, I present my analysis of the genomic architecture and inferred metabolic 
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capabilities of an anaerobic fungal isolate: Orpinomyces sp. strain C1A, henceforth referred to as 
strain C1A. When I started my Ph.D. research, multiple laboratories around the work were 
attempting to sequence genomes of various anaerobic fungal isolates. However, these efforts 
largely failed due to the extreme A/T base composition bias and complexity of repeats in 
anaerobic fungal genomes. Leveraging a combination of emerging technologies, our group 
produced the first genomic sequence for anaerobic fungi, which gave key insights into the 
biology and ability to decompose lignocellulosic biomass by anaerobic fungi. In chapter II, I 
present the first genome sequence produced from anaerobic fungi, and use the genome to 
highlight the unique evolutionary history of this group of fungi, as well as its enzymatic 
machinery for lignocellulosic biomass decomposition. This research was published in the journal 
Applied and Environmental Microbiology. 
 Chapter III in this dissertation highlights present an extensive analysis of the transcriptional 
patterns of various biofuel production related genes in strain C1A when grown multiple plant 
substrates. This extensive quantitative transcriptomic analysis produced critical information on 
the nature of enzymes putatively expressed by strain C1A to decompose complex lignocellulosic 
plants, as well as the overall strategy utilized by strain C1A to achieve fast and efficient 
degradation of plant biomass. This research has been accepted for publication in the journal 
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History and Functional Assessment of Anaerobic Fungi Anaerobic Fungi are a group of 
microorganisms that reside in the rumen and alimentary tract of many ruminant, pseudoruminant, 
and nonruminant herbivores (2,10,26,33) Although flagellated zoospores of anaerobic fungi (AF) 
were observed as early as 1910, definitive proof that AF are an important constituent of the cow 
rumen came relatively late (2) due to the morphological similarity between anaerobic fungal 
spores and ciliate protozoa in the rumen (43). It was not until the 1970’s that these organisms 
where correctly classified as fungi by Orpin (39) based on the presence of chitin in their cell 
walls. Subsequent research by Orpin (47) demonstrated that these rumen fungi resemble fungi in 
the Chytridiomycota, with flagellated zoospores typically encountered in soil and aquatic 
habitats. Microscopic analysis of rumen material also demonstrated that the flagellated zoospores 
of anaerobic fungi attach to and germinate on ingested plant material in the rumen (26). 
Experimental evidence subsequently demonstrated their capability to degrade cellulose, a major 
component of the plant cell wall (10, 55) in an in-vitro setting (2). Soon afterwards, enzymatic 
activities mediating the degradation of various plant polymers were identified in anaerobic 
fungal cultures, further demonstrating their role in plant biomass degradation in the rumen 
(9,33,44).  This capacity, which ensures that anaerobic fungi are a critical portion of the rumen 
ecosystems, allow fungi to fully process complex plants cell walls into sugar monomers that 
could either be fermented by the anaerobic fungi for energy production or taken up by the rumen 
prokaryotic community (42,44). Due to the complexity of plant cell walls the process of their 
digestion and fermentation requires many distinct enzymes necessary to dismantle the plants cell 
walls into usable sugars.  These properties make the study of anaerobic fungi extremely 
important both due to their rich unique biological history and for their potential as a 
transformative agent in the production of lignocellulosic biofuel. 
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Lignocellulosic Biofuels: Current Productions and Obstacles. Currently, the majority of the 
world’s energy is produced from non-renewable fossil fuels (24). This heavy reliance on fossil 
fuels for energy production is problematic. Extractable reserves of this non-renewable resource 
are fast diminishing. The use of fossil fuels contributes to global warming and climate change, as 
well as to geopolitical conflicts (7,62). Development of renewable energy resources has the 
potential to fulfill current and future energy demand while avoiding issues associated with fossil 
fuel production outlined above (7,62). These renewable energy sources include nuclear energy, 
wind turbine energy, hydroelectric energy, solar energy and bioenergy. Each one of these energy 
sources has great potential, as well as significant drawbacks. Nevertheless, biofuel, the 
production of alcohols or hydrocarbon derivatives from plant sources, provides two distinct 
advantages compared to other methods (8). First, the growth of the plant’s used for the 
production of biofuels remove CO2 from the atmosphere, thus lowering the atmospheric 
concentration of this greenhouse gas. Second, many of the current biofuel production schemes 
generate ethanol or alkanes as the final product, both of which are compatible with the current 
transportation infrastructure and hence could readily be utilized for transportation.  
Currently, the majority of biofuel is produced from simple fermentable sugars from 
edible crops such as corn or sugarcane, a process referred to as “first generation biofuels”. First 
generation biofuels have provided a considerable input to current energy production, particularly 
as the ethanol component to mobile transportation fuel. However, the process has multiple 
drawbacks (11). Most current biomass inputs for fermentation for the production of biofuels are 
also feedstocks, the most common of which is corn in the US. Corn is consumed for food, and 
hence its utilization for energy production raises legitimate ethical concerns. It is also grown on 
fertile farmlands and requires extensive application of fertilizers. Another key barrier that 
4 
 
prevents first generation biofuels from providing a greater share of the world’s energy is the 
amount of energy or fuel produced per kg of input (29). The simple sugars used for input for first 
generation fermentation make up a minority of the carbohydrates in a plant that theoretically 
could be used for fermentation.  The majority of the carbohydrates are stored in long, complex, 
and interwoven polymers in the stalk, leaves, and other structures within the plant (63).  
The production of biofuel from these complex and non-edible plant substrates is a 
process that has been referred to as lignocellulose biofuel, or second generation biofuels (29). 
Such process has two major advantages over first generation biofuels. First, the amount of 
fermentable sugars (g sugar/Kg plant material) stored in lignocellulosic biomass is far greater 
than fermentable sugars present in corn or other feedstocks (29,63). The second is that many 
lignocellulosic substrates, such as switchgrass and energy cane (34,59) produce an extremely 
high yield of plant mass per acre and can be grown on marginal lands (61) that are unsuitable for 
the production of crops (35). For these reasons, lignocellulosic biofuels hold great promise, and 
could theoretically provide a large share of energy needs (56,62).  Unfortunately, this promise 
has not yet been realized primarily due to the difficulty and economic inefficiency for biofuel 
production from lignocellulosic feedstocks (8,62).   
Recalcitrance of Plant Cell Wall is the Primary Barrier for Lignocellulosic Biomass 
Conversion Efficiency. The primary source of fermentable material for biofuel from 
lignocellulosic biomass comes from the liberation of polymers within the plant cell walls 
followed by their subsequent depolymerization into sugar monomers. In contrast to first 
generation biofuel production, which only requires a minimal enzymatic input to process into 
sugar monomers, lignocellulosic biomass requires a large variety of enzymes to efficiently 
process lignocellulosic biomass into fermentable sugars (11,21,29). Plant cell walls contains four 
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major components or polymers Cellulose, Hemicellulose, Pectin and Lignin, which are highly 
interlinked to provide a recalcitrant and highly stable cell wall (6,55,60,63). Due to the unique 
structure of each of these polymers and the fact that they are highly interlinked within the cell 
wall, a separate set of enzymes is required to depolymerize polymer (Figure 1-1) (55,58).  
 
 
           Figure 1-1 Enzymatic Components required for plant cell wall degradation, reproduced 
with permission from reference (12)  
   
The need for a large amount of unique enzymes for full depolymerization is, obviously, costly 
(37,51). The required enzymes must be mass produced either in the original microorganism or in 
a heterologous system (16,17,45), purified and applied to each saccharification cycle (51) in 
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large quantities. In addition to costs associated with enzyme production, harsh, expensive, and 
environmentally pernicious pretreatments methodologies are employed to expose plant polymers 
to enzymatic action. The combined costs of enzymes and pretreatment renders the process of in 
vitro saccharification of lignocellulosic biomass an extremely costly endeavor 
Anaerobic Fungi: A Prosing Agent for Lignocellulosic Biofuel Production 
Anaerobic fungi possess multiple traits that render them promising agents for biofuel production 
from lignocellulosic biomass: They are able to efficiently colonize and penetrate plant material 
as well as the ability for anaerobic fermentative growth on plant mass. Anaerobic fungi have 
faced considerable evolutionary pressure to maintain a highly efficient system for the 
decomposition of lignocellulose, as this the major carbon source present in their natural habitat. 
In addition the fungi, which possess a higher native energy requirement for replication that 
bacteria would need to be able to effectively compete with the highly evolved bacterial portion 
of the rumen microbiome, which requires less energy to replicate (31).  
To provide a greater understanding of anaerobic fungi and their experimentally 
demonstrated lignocellulosic capabilities, analysis of their genome and transcriptomic response 
to growth on biomass would be required. Despite their experimentally-demonstrated 
lignocellulolytic capabilities, little research, if any, was conducted to analyze the genome of 
these unique fungi since they were discovered. However, this was not due to lack of interest, but 
due to a highly abnormal base composition of the anaerobic fungal genomes.  Initial research on 
individual genes from anaerobic fungi demonstrated an extreme A/T bias in genes averaging 
over 80% within the analyzed genes (20,28).  This fact, coupled with the larger genome size 
compared to many other microorganisms, presented a unique challenge. Sequencing technologies 
such a Roche 454 could produce the necessary throughput for a genome assembly, but the 
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technology’s inaccuracy in calling homopolymers would hinder accurate base pair calling within 
the extremely homopolymer-rich anaerobic fungal genomes. Illumina sequence by synthesis 
sequencing technology on the other hand, has both the capacity to produce a genomic assembly, 
as well as the ability to sequence the homopolymer regions. However, the short read output of 
Illumina sequences hinders accurate assembly of produced short reads into large contigs. In my 
dissertation, I undertook the challenge of producing the first genome assembly of an anaerobic 
fungal isolate: Orpinomyces sp. strain C1A using a combination of sequencing technologies and 
an innovative genome assembly approach. In addition, I conducted a thorough transcriptomic 
analysis to understand the transcriptional landscape of strain C1A when grown on soluble 
substrates e.g. glucose, compared to lignocellulose biomass substrates. This thesis represent the 
first comprehensive evaluation of the growth and lignocellulosic capabilities of anaerobic fungi 
using –omics based approaches and provides valuable tools and insights into the physiological 
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GENOME OF THE ANAEROBIC FUNGUS ORPINOMYCES SP. C1A REVEALS 
























Anaerobic gut fungi represent a distinct early-branching fungal phylum 
(Neocallimastigomycota), and reside in the rumen, hindgut, and feces of ruminant and non-
ruminant herbivores. The genome of an anaerobic fungal isolate, Orpinomyces sp. strain C1A, 
was sequenced using a combination of Illumina and PacBio SMRT technologies. The large 
genome (100.95 Mb, 16,347 genes) displayed extremely low G+C content (17.0%), large non-
coding intergenic regions (73.1%), a proliferation of microsatellite repeats (4.9%), and multiple 
gene duplications. Comparative genomic analysis identified multiple genes and pathways that are 
absent in Dikarya genomes but present in early-branching fungal lineages and/or non-fungal 
Opisthokonts. These included genes for post-translational fucosylation, the production of specific 
intramembrane proteases and extracellular protease inhibitors, the formation of a complete 
axoneme and intraflagellar trafficking machinery, and a near-complete focal adhesion 
machinery. Analysis of the lignocellulolytic machinery in the C1A genome revealed an 
extremely rich repertoire, with evidence of horizontal gene acquisition from multiple bacterial 
lineages. Experimental analysis indicated that strain C1A is a remarkable biomass degrader, 
capable of simultaneous saccharification and fermentation of the cellulosic and hemicellulosic 
fractions in multiple untreated grasses and crop residues examined, with the process significantly 
enhanced by mild pretreatments. This capability, acquired during its separate evolutionary 
trajectory in the rumen, along with its resilience and invasiveness when compared to prokaryotic 





Members of the anaerobic gut fungi were originally discovered in sheep (1), but have 
subsequently been observed in the rumen, hindgut, and feces of ruminant and non-ruminant 
herbivorous mammals and reptilian herbivores. The observation of flagellated zoospores of 
anaerobic fungi was reported as early as 1910 (2). However, the accidental discovery and 
subsequent proof that these flagellated zoospores were actually spores of a new fungal lineage 
rather than ciliated protozoa came relatively late (1). Anaerobic gut fungi belong to the phylum 
Neocallimastigomycota, an early-branching fungal lineage, for which no current genome 
analysis has yet been reported. With the exception of the Microsporidiae, few genomes 
belonging to non-Dikarya fungal lineages have been sequenced and analyzed (3, 4). Therefore, 
analysis of a Neocallimastigomycota genome and comparative genomic analysis to early-
branching and Dikarya fungal genomes could identify salient characteristics associated with 
fungal evolution and diversification.  
In addition to their distinct phylogenetic position, anaerobic fungi appear to be habitat-
restricted, and are the only known fungal group that lives within the rumen and gut of herbivores 
(5). This evolutionary trajectory in a distinct habitat resulted in multiple metabolic and structural 
adaptations. For example, members of the Neocallimastigomycota have adapted a strict 
anaerobic lifestyle. Similar to other anaerobic eukaryotes (e.g. Trichomonas vaginalis, (6, 7)), 
their mitochondria have undergone a reductive evolution process to a hydrogenosome, an 
organelle whose main function is ATP production via substrate level phosphorylation and 
hydrogen production (6, 8, 9). Anaerobic fungi also reproduce asexually via the release of motile 
flagellated zoospores from zoosporangia that develop during rhizoidal fungal growth (10, 11). 
Finally, anaerobic fungi are highly fibrolytic microorganisms, producing a wide array of 
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cellulolytic, hemicellulolytic, glycolytic, and proteolytic enzymes (5, 12-15). It has been 
established that in anaerobic gut habitats, these organisms play a role akin to their aerobic 
counterparts in soils and streams. By attaching themselves to plant materials, they colonize and 
excrete extracellular enzymes that mobilize the structural plant polymers to be available to other 
microbes.  
Therefore, analysis of Neocallimastigomycota genomes could not only lead to better 
understanding of the genomic features and metabolic characteristics of an early-branching fungal 
lineage, but also lead to the identification of metabolic, physiological, and genome-wide 
adaptations that enabled the survival and establishment of Neocallimastigomycota as core 
members of the highly eutrophic, prokaryotes-dominated herbivorous rumen and gut. Here we 
report on the sequencing and analysis of the draft genome and transcriptome of the anaerobic 
fungal isolate Orpinomyces sp. strain C1A (henceforth C1A). We identified multiple unique 
features within the genome, and reason that these genomic features are a reflection of two 
important factors: its placement within a phylogenetically distinct early-branching phylum in the 
Mycota, and its adaptation to the animal rumen gut during its separate evolutionary trajectory 
from the Mycota. We further demonstrate that one of these evolutionary adaptations, the 
presence of remarkably efficient lignocellulolytic machinery coupled to anaerobic fermentative 
metabolism of hexose and pentose monomers, renders this microorganism an extremely 
promising agent for lignocellulolytic conversion in consolidated biological processing (CBP) 





Materials and Methods: 
Culturing, DNA Sequencing, and Genome Assembly. 
Culturing. Strain C1A was isolated from the feces of an Angus steer on a cellobiose-switchgrass 
medium using previously described protocols (16). Orpinomyces strain C1A was grown in an 
anaerobic, rumen fluid-free basal medium that was reduced by cysteine-sulfide and dispensed 
under a stream of 100% CO2 as previously described (17). Cellobiose (3.75 g/L) was used as the 
substrate. C1A cultures were scaled up for nucleic acids extraction in 1-liter batches prepared in 
2-liter Schott bottles equipped with the stoppered top of a Balch tube to maintain strict anaerobic 
conditions during fungal growth. Culturing was conducted using the techniques described by 
Bryant and modified by Balch and Wolfe (18, 19). After autoclaving, the Schott bottles were 
cooled to room temperature and the gas phase was replaced by vacuuming and re-pressurization 
with 100% CO2 (19). The medium was then amended with penicillin, streptomycin, and 
chloramphenicol from an anaerobic stock solution in order to provide final concentrations of 50 
µg/ml, 20 µg/ml, and 50 µg/ml of each antibiotic, respectively. The medium was then 
prewarmed at 39°C for approximately 3-4 hours and inoculated with 50 ml of an actively 
growing culture of Orpinomyces strain C1A. The cultures were incubated at 39°C for 
approximately 3-4 days and the fungal cells were harvested during late log phase by 
centrifugation at 10,000 rpm for 30 minutes.  
DNA extraction and sequencing.  
Illumina sequencing. High molecular weight genomic DNA was extracted using a modified 
CTAB method for isolation of nucleic acids in anaerobic fungi (20). Four micrograms of high 
molecular weight DNA was used to generate libraries for Illumina Sequence by Synthesis 




80_A.pdf). Post adaptor ligation size-selected fragments used for flow-cell cluster generation had 
a mean size of 293 bp as reported by the Agilent 3200 Bioanalyzer. Illumina sequencing was 
conducted using the services of a commercial provider (Ambrys Genetics, Aliso Viejo CA, 
USA) on a HiSeq 2000 sequencing platform using 100bp paired-end chemistry. Illumina 
sequencing yielded 29.2 GB in 146,385,792 quality-filtered paired-end reads (106).  
PacBio sequencing. DNA used for Pacific Biosciences SMRT sequencing (22) was isolated 
using EpiCentere Plant DNA extraction kit (Epicentre Corp., Madison, WI, USA) according to 
the manufacturer’s specification. Selected inserts of 5-10 Kb read-size were prepared from 10 µg 
of extracted high molecular weight DNA by ligation to the SMRTbell sequencing adapter. 
SMRT sequencing was conducted using the services of a commercial provider (Expression 
Analysis, Durham, NC, USA) on a PacBio RS sequencing platform using the second generation 
C2 sequencing chemistry with eight Zero Mode Wavelength (ZMW) SMRT cells. PacBio 
sequencing yielded 984.8 MB of quality-filtered data in 463,832 raw long reads (106), with an 
average read length of 2,124 bp. An additional 26.9 MB of DNA sequence data were harbored in 
16,949 reads (average read length of 1586bp) that reached a circular consensus (CCS) during 
sequencing, and were used for long read error correction. 
Genome assembly. All computational assemblies were conducted using the SGI UV 1000 cache 
coherent Non Unified Memory Architecture (cc-NUMA) high performance computing system 
Blacklight. Blacklight is an Extreme Science and Engineering Discovery Environment (XSEDE) 
community-shared computational resource dedicated for high memory footprint jobs such as de 
novo assembly. Blacklight is housed at the Pittsburg Super Computer Center (http://psc.edu/).  
21 
 
We initially attempted to utilize Illumina paired-end sequencing as the sole mechanism 
for C1A genome sequencing. Illumina quality filtered reads were assembled with Velvet 1.1.07 
(23), using a kmer value of 63 and a minimum coverage cutoff of 7. The resulting assembly was 
highly fragmented, with an extremely large number of contigs in the final assembly (82,325 
contigs), a large proportion of the final assembly (32.4%) harbored in extremely short contigs 
(300-900 bp), and a low N50 (1666 bp).  
Therefore, we sought to improve the assembly by using a hybrid SRMT-Illumina strategy 
that leverages short read high accuracy data formed from Illumina sequencing to correct errors 
encountered in long reads produced by SMRT sequencing (24). This hybrid approach has two 
steps: 1. SMRT read correction, where insertion/deletion errors present in SMRT read outputs 
are removed to produce corrected reads with sufficient accuracy and quality scores, and 2. De 
novo assembly of the corrected SMRT reads, either independently or in conjugation with 
Illumina reads. 
SMRT reads were corrected using the PacBioToCA package 
(http://sourceforge.net/apps/mediawiki/wgs-assembler/index.php?title=PacBioToCA) in wgs 7.0 
(25, 26). The high fidelity read set used for the correction was produced by using a combination 
of Circular Consensus SMRT reads, Illumina paired-end reads with sufficient overlap to merge 
into a single extended accurate read using Fast Length Adjustment of Short Read (FLASH) (27), 
and Illumina paired reads without sufficient overlap for extension. Error correction resulted in a 
total of 570.1 Mbp, in 394,300 long corrected SMRT (C-SMRT) reads with an average phred 
quality score of 58.5 (28). These C-SMRT reads, which had an N50 of 1686bp, and ranged 
between 500bp to 10,932bp in length, were subsequently used for de novo assembly. All 
sequence data included in the final assembly had an average quality score of 59.7. The final 
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assembly was a marked improvement when compared to the Illumina only assembly, as evident 
from the improved N50/N90 values, the increase in the number of genes with PASA transcript 
alignment (see below), and the increase in the average length of gene models. More importantly, 
the long C-SMRT reads allowed for the identification of a large number of introns previously 
undetected using Illumina assembly, with the extremely low GC content (8.1%) and the large 
number of microsatellites within these introns which probably hindered their detection and 
assembly from short Illumina paired-end reads.  
We used the core eukaryotic genes (CEGMA) to test the completion of the final assembly 
(29). Due to the unique nature of C1A e.g. absence of gluconeogenesis, anaerobic fermentative 
mode of metabolism, 22/454 genes are not expected to be present, we identified 408 out of 432 
genes within the final assembly, suggesting a sequence completion of ≈ 94.4%.  
RNA sequencing and gene calling. 
 RNA sequencing, assembly, and quantitative analysis. RNA for RNA-seq analysis (30) was 
isolated from a log-phase strain C1A subculture grown and propagated on rumen fluid-free basal 
medium with cellobiose or cellulose using Masterpure® Yeast RNA Purification kit (Epicentre 
Corp., Madison, WI, USA). RNA sequencing libraries were generated using the Illumina TruSeq 
RNA sample protocol. Illumina sequencing was conducted using the services of commercial 
providers (Ambrys Genetics, Aliso Viejo CA, USA using a HiSeq 2000 sequencing platform 
using 100bp-paired end chemistry for cellobiose treatment, and Centrillion biosciences Palo 
Alto, CA using Illumina Miseq Platform for cellulose treatment). Transcripts generated on 
cellobiose were used in gene calling efforts as described below. All quality-filtered reads were 
assembled into transcript candidates using the de novo transcriptome assembly program Trinity 
(31). The Trinity de novo assembly was executed using the standard non-strand specific library 
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settings with the addition of the “--jaccard_clip” option which minimizes the formation of fusion 
transcripts, which are often present in fungal genomes by checking for logical spatial orientation 
of paired reads on the assembled transcript. Transcripts with a base pair length greater than 
300bp were considered valid candidates for downstream analysis. Expression levels for the 
transcriptome assembly were calculated by mapping all pair-ended RNA-seq reads with bowtie 
(31) using the Trinity de novo assembly as the reference index. Quantitative expression 
estimation of alignment values were calculated in transcripts per million values with the RNA-
Seq by Expectation-Maximization (RSEM) package (32).  The cellobiose C1A transcriptome 
was utilized for gene calling through transcript alignment. However, while genomic data was 
used for genomic analysis in this study, in rare cases within pathway analysis (Results section 
below), transcriptome data were consulted in case a single/few gene(s) within a specific pathway 
was inexplicably missing from the genome. 
 Gene calling. Contigs larger than 1000 base pairs produced by the assembly were used as input 
contigs for gene model generation and downstream analysis. Gene calling was conducted using a 
combination of ab initio gene models prediction using GlimmerHMM (33) and Augustus (34), 
and transcript alignments from cellobiose treatment using PASA (Program to Assemble Spliced 
Assemblies) (35). Training parameters for the ab initio programs were generated using the de 
novo assembled transcripts aligned to the genome assembly using GMAP (36). Additional gene 
hint parameters available for the Augustus program using the unassembled RNA-seq read data 
were generated using the software’s recommended protocol (http://bioinf.uni-
greifswald.de/augustus/binaries/readme.rnaseq.html).  
AB initio gene-calling algorithms produced 60,595 gene models, which were combined with 
14,009 PASA high quality transcript assemblies and 38,647 Trinity transcripts to genome GMAP 
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alignments. The final single consensus gene model for each theoretical locus was produced by 
information-based source-weighted integration using EvidenceModeler (EVM) (35). A final 
16,347 consolidated consensus gene models were generated by EVM. 
To examine the impact of assembly fragmentation on the overall number of genes 
identified in the C1A genome, we extracted 300 bp from both ends of every contig in the C1A 
final genome assembly. To identify sequence redundancy, we queried these ends against NT and 
NR GenBank databases using BlastN and BlastX respectively. The results show a unique first hit 
for each contig end, suggesting that the large number of contigs in the final assembly did not 
result in any false duplication of predicted genes. A similar result was obtained when performing 
the same analysis against the COG database. 
Annotation. 
Annotation strategy overview. Annotation of gene models and gene transcripts was achieved 
using a combination of command line bioinformatics programs, manual curation, and automated 
online annotation suites. Closest relative homologs were assigned to each consensus gene and de 
novo transcript model using the BLAST+ (37) module Blastp for the gene models and Blastx for 
putative transcripts against the nr database. Identified homologs with an e-value of e-4 or less 
were considered sufficient for evaluation of functional activity assignment. PFAM domains were 
identified using the hmmscan module of the HMMER suite (38) against the PFAM 26.0 database 
of conserved protein families (39). All domains identified by hmmscan having a full sequence e-
value of e-4 or less were assigned to the gene models for functional annotation. The integrated 
microbial genomes system (IMG) was used for automated gene calling and annotation of both 
the genome gene models and the transcripts. The resulting Blast and IMG results were manually 
curated and used for analysis of various cellular processes within the genome, as well as for 
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confirmation of the presence/ absence of key metabolic genes using reciprocal Blastp against the 
genome. All gene calling and annotation computational work was conducted using the Oklahoma 
State University high performance computing clusters Pistol Pete and Spur. 
Carbohydrate Active Enzymes (CAZymes) identification and analysis. Identification of CAZy 
genes in the C1A genome, as well as in multiple genomes that were used for comparative 
analysis, was achieved via PFAM domain identification and analysis as described previously 
(40). The Carbohydrate Active Enzyme database classification system (41) was used to classify 
glycoside hydrolase, carboxyl esterase (CE), pectate lyase (PL), and carbohydrate-binding 
modules (CBM). All models harboring a dockerin domain with e-4 significance value or less 
were considered eligible for further analysis and classification. Potential secreted peptides and 
transmembrane proteins candidates were identified using SignalP 4.0 (42) and TMHMM (43).  
Additionally, more stringent controls were conducted to guard against any possibly in 
silico gene number inflation within the CAZyme dataset due to the fragmented assembly. To 
guard against in silico inflation of gene numbers due to improper assembly, we identified genes 
with near identical (>97%) amino acid identity. Each cluster of genes with near identical amino 
acid sequence was aligned; and genes with less than 80% alignment to the parent model were 
identified as possible artifacts and removed from the assembly. To guard against possible in 
silico inflation of gene numbers due to gene fragmentation between two contigs, we manually 
examined each CAZyme gene model to identify genes with incomplete pfam CAZy domain. 
Genes with incomplete pfam domains were removed from the assembly. Collectively, these 
additional quality control approaches resulted in the removal of 76 GH, 5 CE, and 5 PL genes. 
Repeats identification. Repetitive DNA sequences (DNA repeats) are defined as sequences 
present in more than a defined number of copies and that have no apparent biological function 
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(44, 45). DNA repeats can be classified into simple sequence repeats (SSRs), and complex 
repeats. SSRs (also known as tandem repeats) are classified, depending on the length of the 
repeated unit, into microsatellites (basic unit length ranging from 1-6 bp) (44, 45), and 
minisatellites (basic unit length ranging from 15->150 bp repeated 2-100 times) (45). Longer 
tandem repeats constitute satellites (centromeres) and telomeric repeats. Complex repeats, on the 
other hand, result from transposable elements (TE). TEs are further classified into class I 
retrotransposons (including Long terminal repeats (LTR), and non-LTR), and class II DNA 
transposons.  
Microsatellite (SSRs) in the C1A genome were identified using PHOBOS (46) with the --
minPerfection 100 flag to detect only perfect repeats. SSRs identified have the following 
minimum number of repeats: Mononucleotide with at least 10 repeats; dinucleotides with at least 
6 repeats; tri-, tetra-, penta- and hexanucleotides with at least 5 repeats.  
Complex repeats were identified in C1A genome as previously described (47) using a 
combination of RepeatScout (48), RepeatMasker (49), LTR_FINDER(50), and BLASTx against 
RepBase (http://www.girinst.org/repbase/index.html). Briefly, a consensus repeat library was 
created using the default parameters of RepeatScout. This library was filtered by removing short 
sequences (<100 bp), and those repeats with significant hits to Uniprot proteins (except repeats 
with significant hits to transposable elements). The filtered consensus library was then compared 
to RepBase database using BLASTx for manual annotation and classification. LTRs were 
identified in the genome using LTR finder. Similar to other TEs, candidate LTRs were compared 
to the RepBase for classification. Finally, all candidate repeats classified by RepBase were used 
to mask the genome in RepeatMasker to identify the number of occurrences and the percentage 
genome coverage of each TE class. 
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Gene duplication was identified by running local Blastp using C1A proteins as both the 
subject and the query. Only the first and second hits were examined. The second hit is a protein 
with similarity to the query protein present anywhere in the genome. Percent similarities cutoff 
of 40% or more were used.  
Non-coding RNA identification. Ribosomal RNAs were identified using local Blastn search with 
sequences corresponding to published 5.8S (5.8S fragment in Genbank accession number 
AJ864475.1), 18S (GenBank Accession number AY546684) Spizellomyces punctatus.1), 28S 
(28S fragment in Genbank accession number AJ864475.1), ITS1 (Genbank accession number 
AF170191.1), ITS2 (Genbank accession number JN943062.1) as the database. Transfer RNAs 
were identified using tRNAscan-1.4 (51). 
Identification of proteases, protease inhibitors, and transporters. All proteins were compared to 
the MEROPS database using Blastp to identify potential proteases and protease inhibitors. 
Membrane transporters in the C1A genome were identified by Blastp comparison against the 
transporter classification database (TCDB) sequences available at 
(http://www.tcdb.org/seqfile/tcdb) using the GBLAST2 program 
(http://www.tcdb.org/labsoftware.php). 
Identification of hydrogenosomal proteins. We bioinformatically predicted proteins potentially 
imported to the hydrogenosomal matrix in strain C1A using a combination of motif search and 
Mitoprot v1.0 (52). First, C1A proteins were examined for the presence of an N-terminal 
mitochondrial targeting sequence corresponding to previously predicted motif similar to 
ML(S|T|A|C|G|R){0,1}X{0,19}RXF(I|L|F|S|A|G|Q), 
ML(S|T|A|C|G|R){0,1}X{0,19}R(F|N|E|S|G) (I|L|F|S|A|G|Q), MTLX{0,19}RXF(I|L|F|S|A|G|Q), 
MTLX{0,19}R(F|N|E|S|G) (I|L|F|S|A|G|Q), MSLX{0,19}RXF(I|L|F|S|A|G|Q), or 
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MSLX{0,19}R(F|N|E|S|G) (I|L|F|S|A|G|Q), where X is any amino acid except tryptophan. 
Numbers between braces refer to the previous residue repeat number and parenthesis means that 
any of the residues enclosed is possible at that position (7). Mitochondrial import probabilities of 
proteins harboring this N-terminal motif were then predicted using Mitoprot v1.0 (52), where an 
arbitrary probability of 0.6 was used as the cutoff. Using these criteria, we identified 21 potential 
intra-hydrogenosomal proteins. Further, Mitoprot was also used to predict the mitochondrial 
import probabilities of proteins with similarity to known mitochondrial matrix proteins that did 
not have the above mitochondrial-targeting motif. An additional 25 potential hydrogenosomal 
proteins were identified using these criteria. 
Comparative analysis of the C1A genome to basal fungi, Dikarya, and Opisthokonta 
genomes.  
We used local Blastp comparison of C1A proteins against all Mycota proteins, as well as against 
Dikarya proteins. A Mycota Blastp database was created by downloading proteins of all 
sequenced fungal genomes available from Genbank and IMG (total of 116 fungal genomes). Of 
those, 4 belonged to early-branching lineages (Allomyces macrogynus, Batrachochytrium 
dendrobatidis, Spizellomyces punctatus, and Rhizopus oryzae). The remaining fungal genomes 
constitute the Dikarya Blastp database. The number and identity of Blastp first hits of C1A 
proteins against both databases at different E-value cutoffs (e-5, e-10, e-15, e-20, e-25, e-30, e-35) were 
then used to specify C1A proteins that are; general fungal proteins (present in both early-
branching and Dikarya fungi), early-branching fungi-specific proteins (present only in early-
branching fungi but not Dikarya fungi), and C1A-specific proteins (specific to C1A and absent 
from other fungal genomes). The later (C1A-specific proteins) were compared to the nr database 
excluding Mycota using the flag –negative_gilist. Proteins with no hits in the nr database were 
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considered C1A hypothetical proteins. Functional annotation of various C1A-specific and early-
branching fungi-specific proteins identified were conducted using PANTHER classification 
outline (53). 
Lignocellulolytic capabilities of strain C1A 
Plant materials and pretreatment.  Samples of mature Kanlow switchgrass (Panicum 
virgatum var Kanlow), mature Sorghum bicolor, and mature energy cane (Saccharum 
officianarum var Ho02) were obtained from Oklahoma State University experimental plots in 
Stillwater, OK.  Dried alfalfa was obtained from a local farm and ranch supplier. Samples of 
Bermuda grass (Cynodon dactylon) were obtained from residential lawn clippings in Guthrie, 
OK.  Samples of corn stover from Zea mays were obtained from the Industrial Agricultural 
Products Center at the University of Nebraska in Lincoln.  Untreated wood samples, including 
cedar (Juniperus sp.), oak (Quercus sp.), and pine (Pinus sp.) were obtained from a local 
lumberyard in Stillwater, OK. Cottonwood (Populus deltoides) and willow (Salix babylonica) 
wood samples were harvested from live trees growing in the Stillwater area.  All samples were 
dried at 45°C overnight, milled, and sieved to a final particle size of 2 mm as previously 
described (54). 
 Sodium hydroxide (NaOH) treatments were conducted by heating 4g of dried plant 
material in 40 ml of a 1% NaOH solution inside a sealed serum bottle at 500C for 12 hours (55). 
Acid treatment was conducted by heating 4g of dried plant material in 40 ml of 0.5% H2SO4 
inside a sealed serum bottle for 1 hour (56). Hydrothermolysis-treated switchgrass was prepared 
by mixing 60g of switchgrass with distilled water to achieve a 10% dry matter mixture (54).  
This mixture was placed inside 1L benchtop pressure reactor (Parr Series 4520, Parr Instrument 
Company, Moline, IL, USA) that was heated to 200°C and agitated at 500 rpm (54). The 
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switchgrass/water mixture was held at 200°C for 10 minutes and then cooled in an ice bath (54).  
All of the treated switchgrass samples were recovered from pretreatment incubations by 
filtration.  The sodium hydroxide and acid treated switchgrass were washed with deionized water 
as previously described (55, 56).  All of the pretreated switchgrass samples were dried at 45°C 
for approximately 48 hours before they were used in the experiments described below.   
Growth of strain C1A on plant materials. Experiments to evaluate the growth of strain C1A on 
different treated and pretreated plant materials were conducted under strict anaerobic conditions 
in 160-ml serum bottles. All experiments were conducted in triplicate, and unless otherwise 
specified, 0.5g of plant material was used as the substrate. Experiments were conducted in a 
previously described rumen fluid-free basal medium (17). The medium was prepared under strict 
anaerobic conditions using 100% CO2 and the techniques of Bryant (18), as modified by Balch 
and Wolfe (19). Once the basal medium was prepared it was autoclaved for 20 minutes at 121°C 
and 15 psi of pressure and then cooled.  Each serum bottle was then amended with the 
appropriate type of plant biomass inside an anaerobic chamber (Coy Laboratory Products Grass 
Lake, MI). After the serum bottles were amended with plant materials they were removed from 
the glove bag and the headspace was re-pressurized with 15 psi of 100% CO2 (19).  Five 
milliliters of an actively-growing culture of strain C1A (approximately 2.6 mg of fungal 
biomass) was used as an inoculum and added to 45ml media in 160 ml serum bottles. In all 
experiments, serum bottles were incubated at 39OC in a non-shaking incubator.  Substrate-
unamended controls were included in all experiments to account for any product carryover from 
the inoculum. Triplicate bottles were sacrificed at different time intervals to quantify substrate 
loss and product formation. 
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Analytical methods. Fatty acids and ethanol in supernatant fractions were quantified using an 
HPLC with a refractive index detector (1100 Series, Agilent, Santa Clara, CA, USA) and an 
Aminex HPX-87H column (Biorad, Sunnyvale, CA, USA), which was heated to 600C. The 
mobile phase was 0.01 N H2SO4, with a flow rate of 0.6 ml per minute.  Sugars in supernatant 
fractions were also quantified using an HPLC with a refractive index detector (1100 Series, 
Agilent, Santa Clara, CA, USA).  The HPLC was equipped with an Aminex HPX-87P column 
(Biorad, Sunnyvale, CA, USA), which was heated to 85°C.   Distilled water was used as the 
mobile phase at a flow rate of 0.6 ml per minute. 
 The amount of plant material consumed in serum bottles was calculated by subtracting 
the time final from the time 0 dry weights of each plant material. Since the time final pellets 
contained a mixture of plant and fungal biomass, the amount of fungal biomass at time final was 
indirectly quantified using formate concentrations as previously described (12). The amounts of 
cellulose, xylan, hemicellulose, and lignin in the different plant substrates were determined using 
the standard NREL procedures (57). The procedure included the addition of 3mL of 72% sulfuric 
acid to each sample and incubation at 30±3°C for 1 hour, stirring every 5-10 min. The samples 
were then diluted with 84 mL of deionized water, capped, and autoclaved for 1 hour to 121°C.  
The cooled solution was filtered, and this filtrate was used to determine carbohydrate content and 
soluble lignin.  The remaining solids were washed and dried to constant weight at 105°C to 
determine acid-insoluble residue (AIR) and then ashed at 575°C for 24 hours (57). Analyses of 
resulting carbohydrates within the filtrate were done by HPLC with refractive index detection 
(RID) (Agilent 1100 Series, Santa Clara, CA) on an Aminex HPX-87P column at 85°C with a 
mobile phase of deionized water pumped at 0.6mL/min for 30 min (57). Twenty microliters of 
each sample were analyzed for cellobiose, glucose, xylose, galactose, arabinose and mannose. 
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Contributions of structural constituents to the total biomass composition were determined using 
the NREL summative mass closure procedure (58). The acid-soluble lignin (ASL) content was 
determined using a UV spectrophotometer set at a wavelength of 205 nm, as has been previously 
used to determine ASL in switchgrass (59).  As recommended in the NREL procedure, ASL in 
corn stover was measured at 320 nm, whereas a 240 nm wavelength was used for the remaining 
biomass types (57). 
Nucleotide sequence accession numbers. The final genome assembly is available in the IMG 
genome database with accession number 2518645524 and in Genbank database with accession 
number PRJNA176180. The final transcriptome is available in the IMG database with accession 





Isolation and general genomic features. Strain C1A was isolated from the feces of an Angus 
steer on a cellobiose-switchgrass medium using previously described protocols (16). The isolate 
displayed polycentric growth and effectively colonized switchgrass. Phylogenetic analysis using 
the nuclear ribosomal internal transcribed spacer II (ITS-II) region supported the placement of 
strain C1A as a member of the genus Orpinomyces, and phylogenetic analysis using a 
concatenated set of 42 housekeeping genes supported the basal, early-diverging position of the 
Neocallimastigomycota (106)  
          We sequenced the C1A genome using a combination of paired-end short read Illumina 
technology (≈290X coverage) and Single Molecule Real time (SMRT) Pacific Biosciences 
technology (≈10X coverage). The transcriptomes of strain C1A grown on cellobiose and 
cellulose were also sequenced using Illumina technology. The C1A genome displayed several 
interesting features (Figure 2-1): It had the lowest GC content (17.0%) when compared to 
available genomes of all free-living microorganisms sequenced to-date (Figure 2.1a). This value 
is lower than those observed in the notoriously AT-rich Dictyostelium spp. and Plasmodium sp. 
within the microeukaryotes, and is only surpassed by a few Proteobacterial obligate 
endosymbionts e.g. ‘Candidatus Zinderia insecticola’ (13.5%) and ‘Candidatus Carsonella 
ruddii’ (16.6%). The GC content was higher in protein-coding genes (26.8%), compared to non-
coding regions (14.8% in intergenic and 8.1% in introns) but still resulted in a marked codon 
usage skew (106). The C1A genome was also characterized by a relatively large proportion of 
non-coding intergenic regions (73.1%) (Figure 2.1b). Further, non-coding regions displayed 
massive proliferation of simple sequence repeats (SSRs) in the C1A genome. The 249,194 SSRs 
constituted 4.9% of the entire genome, as well as 5.8% and 6.0% of the intergenic region and the 
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introns, respectively (Figure 2.1c). These values vastly surpass the number of SSR repeats that 
were observed in previously analyzed fungal genomes by at least one order of magnitude (47, 
60). Homopolymeric A or T mono-repeats represented the majority of observed repeats (68.6% 
and 60.6% of total SSR numbers and length, respectively), with 3,589 identified cases of ≥ 50 bp 
stretches of A or T within the assembly (Figure 2.1d).  
Comparative gene content with basal and Dikarya fungi. Gene calling resulted in the 
identification of 16,347 protein-coding genes, a number surpassed by only few fungal genomes 
This large number could partly be attributed to gene duplication (Figure 2.2a), since 3,252 gene 
pairs share >90% sequence similarity.  
In addition, comparative genomic analysis indicated that only 48.4% of C1A genes has at 
least one ortholog in all examined Dikarya genomes (n=116), 9.5% of C1A genes has at least one 
ortholog within examined early-branching fungal (n=4), but not in Dikarya genomes, and that 
42.2% (6,886) of C1A genes are unique and have not been previously encountered within the 
Mycota (Figure 2.2b), These unique C1A genes were either hypothetical proteins (n=5,666), 
genes with non-fungal, eukaryotic orthologs (n=578), or genes with bacterial orthologs (n=642). 
Eukaryotic, non-fungal C1A genes were mostly encoding cellular processes e.g. receptors and 
nucleic acid-binding proteins, highlighting the distinct early-branching fungal position of the 
Neocallimastigomycota, while C1A genes with prokaryotic orthologs were mainly involved in 
metabolic processes, e.g. hydrolases, transporters, transferases, and phosphatases, highlighting 
the potential role of horizontal gene transfer in shaping C1A metabolic capabilities. 
Genomic analysis and comparative genomics reveal multiple differences between 
Neocallimastigomycota and Dikarya. Analysis of genes involved in information processing 
(replication, transcription, and translation), as well as cytoskeletal structure and intracellular 
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trafficking mechanisms revealed all salient features associated with such processes in eukaryotic 
cells. More importantly, comparative genomic analysis identified multiple cellular processes in 
which either only the C1A genome, or all early-branching fungal genomes, possess features that 
appear to be absent from Dikarya genomes, but mostly associated with non-fungal Opisthokonts 
(choanoflagellates such as Monosiga brevicollis, Capsaspora owczarzaki, an independent 
unicellular Opisthokonta lineage, and Metazoa) and higher non-Opisthokonts eukaryotes (Table 
2.1). Five different examples are highlighted. 1. One gene in the C1A genome encodes 
metalloprotease site-2-protease (S2P) family, and seven different genes encode various 
components of the γ-secretase complex, including aspartyl protease presenelin. Both of these 
types of intramembrane proteases are represented in Metazoa (mostly Chordata, Nematoda, and 
Arthropoda) with few representatives in plants, and have no representation in Dikarya (Table 
2.1). 2. The genome contains two fucosyltransferase genes that mediate fucosylation, a post-
translational modification process that is typically observed in Chordata, Arthropoda, and 
Viridiplantae, but not in the Dikarya (Table 2.1) 3. The C1A genome possesses a near-complete 
focal adhesion machinery (Table 2.1). Focal adhesions are large multiprotein intracellular 
assemblies that mediate cell anchorage and mechanical adhesion to the extracellular matrix. 
They also act as a signaling milieu where signaling proteins are concentrated at sites of integrin 
binding and connect the cell’s cytoskeleton to the extracellular matrix. FA appears to be absent 
from filamentous fungi, and more common in other eukaryotes (Amoebozoa, Metazoa (sponges, 
placozoans, and cnidarians), and Holozoa (61).  4. The C1A genome possesses a complete 
axoneme and intraflagellar trafficking machinery proteins. Axoneme acts as a scaffold for other 
protein complexes including motor proteins (e.g. kinesin, and dynein) essential for intraflagellar 
transport of proteins. Ciliated and flagellated eukaryotic cells are known to possess an axoneme, 
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as do Neocallimastigomycota, and other early-branching fungi that produce flagellated 
zoospores. This feature is absent in other Dikarya fungi that produce non-flagellated spores. 5. 
Finally, the C1A genome encodes various extracellular protease inhibitors, some of which 
(serpins) have not previously been encountered in the Dikarya, (e.g. serpins of family I4 are 
present mostly within eukaryotic metazoan phyla (Arthropoda, Chordata, and Nematoda), and 
have also been identified in Bacteria and Archaea, but have not previously been encountered in 
Fungi). Several identified serpins have dockerin domains, confirming their cellulosomal 
destination and their potential role in combating plant proteases, as previously suggested (62).  
Hydrogenosomal structure and function. Anaerobic fungi lack mitochondria, but possess a 
double-membrane hydrogenosome whose main function is ATP production via substrate level 
phosphorylation and hydrogen production (6, 8, 9). The C1A genome encodes a near-complete 
hydrogenosomal protein import system with components of the TOM outer membrane transport 
system (4 out of 7 genes), the SAM sorting and assembly complex (4 out of 5 genes) for protein 
insertion in the outer membrane, the MIA intermembrane space import and assembly complex (2 
out of 3 genes), small TIMs (2 out of 4 genes), the TIM22 complex for protein insertion in the 
inner membrane (6 out of 6 genes), and the inner membrane transport system and associated 
motor (TIM23 complex, 10 out of 11 genes) (Figure 2.3). By comparison, the hydrogenosomal 
import machinery of Trichomonas vaginalis has been reduced to few outer membrane proteins 
(Tom40, Sam50, Hmp35, and Hmp36), few inner membrane proteins (Tim17/22/23, Tim 44, and 
PAM16, 18), and one highly modified intermembrane small TIMs (63). Further, examining the 
phylogenetic affiliation of mitochondrial import proteins in strain C1A clearly demonstrates their 
fungal origin, since their closest relatives are consistently those from fungal mitochondria.  
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  Using two different bioinformatic criteria, we identified 46 intra-hydrogenosomal 
proteins in the C1A genome. Candidate proteins for import into the hydrogenosomal matrix 
included several hypothetical proteins, Fe-S cluster assembly and maturation proteins, 
peptidases, intralumenal chaperones and co-chaperones, as well as pyruvate metabolism and 
energy production enzymes (106). 
Hydrogenosomes are the site of multiple metabolic processes for pyruvate metabolism, 
ATP production via substrate level phosphorylation, and regeneration of reduced electron 
carriers, e.g. NADPH and NADH. The C1A genome encodes the genes required for mixed-acid 
fermentation, the predominant pathway for pyruvate metabolism in anaerobic fungi, as 
previously suggested (64-66) (Figure 2.3). Genomic reconstruction suggests that pyruvate 
produced from sugar catabolism in the cytosol could either be metabolized cytosolically, or 
imported and metabolized in the hydrogenosome. In the cytosol, pyruvate could either be 
converted to acetyl CoA and formate via cytosolic pyruvate formate lyase (PFL) (a cytosolic 
PFL-activating enzyme is also encoded by the genome), converted to D-Lactate via cytosolic D-
lactate dehydrogenase, or used to produce TCA intermediates required for anaplerotic reactions 
via an incomplete cytosolic TCA cycle. In the cytosol, acetyl-Co produced could be converted to 
ethanol via aldehyde dehydrogenase/ alcohol dehydrogenase. In the hydrogenosome, pyruvate 
could be imported from the cytosol or could be produced from malate via the action of the 
hydrogenosomal malic enzyme (with the production of CO2). Hydrogenosomal pyruvate could 
be then metabolized to acetyl-CoA and formate by a hydrogenosomal PFL. Acetyl CoA 
produced in the hydrogenosome could subsequently be converted to acetate via the combined 
action of hydrogenosomal acetate:succinate CoA transferase/ succinyl-CoA synthase to produce 
ATP via substrate level phosphorylation. The genome encodes a hydrogenosomal acetyl CoA 
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hydrolase. A similar enzyme in T. vaginalis was shown to possess an acetate:succinate CoA 
transferase activity. The Orpinomyces acetyl-CoA hydrolase homologue is most likely 
performing a similar transferase activity that, coupled to the succinyl-CoA synthase activity, 
could convert acetyl-CoA to acetate. 
In addition, the hydrogenosomal components contain elements for NADH recycling 
coupled to H2 production (Fe-only hydrogenase large subunit, NADH dehydrogenase (complex 
I) subunits E, and F). The 2 subunits of NADH dehydrogenase most probably function to re-
oxidize NADH produced in the lumen (e.g. during fatty acid degradation) and transfer electrons 
to Fe-only hydrogenase. Since PFL mediates pyruvate metabolism without the production of 
reduced equivalents, H2 production via the hydrogenase enzyme is thought to be minor and to be 
only required to cope with the NADH produced from other intra-lumenal reactions, e,g, 3-
hydroxyacyl-CoA dehydrogenase of fatty acid metabolism (67). Elements of hydrogenosomal 
NADPH recycling are also present in the genome. NADPH produced from NADP-dependent 
reactions, e.g. malic enzyme, could possibly be used by the NADP-requiring fatty acid synthesis 
reactions, e.g. 3-oxoacyl-[acyl-carrier protein] reductase, or recycled by NADPH:quinone 
reductase to a quinone, where electrons could then transfer to succinate dehydrogenase to reduce 
fumarate to succinate. Finally, the genome also encodes subunits α, β, γ, and δ of F0F1-type ATP 
synthase that is thought to pump protons to the cytosol keeping the luminal pH slightly alkaline. 
ATP synthase is likely functioning in conjunction with an ADP/ATP carrier. 
Lignocellulolytic repertoire of strain C1A. Prior research efforts have identified multiple genes 
involved in plant biomass degradation in several Neocallimastigomycota isolates genome (5, 14, 
15, 68-90). To provide an overall view of the plant biomass degradation machinery of an 
anaerobic rumen fungus, we analyzed the lignocellulolytic machinery in the C1A genome. Such 
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an analysis revealed an extremely rich repertoire that consisted of 357 glycoside hydrolases (GH) 
genes, 24 polysaccharide lyases (PL), and 92 carbohydrate esterases (CE) (Figure 2.4a). 
Principal-coordinate analysis demonstrated the unique position of the GH catalytic machinery, 
compared to multiple fungal and bacterial genomes of distinct habitats, ecological roles, 
phylogenetic affiliation, and oxygen preferences (Figure 2.4b). For instance, compared to aerobic 
fungal biomass degraders of industrial and ecological relevance such as Trichoderma reesei, 
Postia placenta, Aspergillus oryzae, and Myceliophthora thermophila, the C1A genome shows 
an expansion of cellulolytic families GH6, GH9, GH45, GH48 and hemicellulolytic families 
GH10, GH11, and GH43, as well as the reduction or absence of families GH7, GH16, GH18, 
GH28, and GH61.  
Detailed phylogenetic analysis (106) suggests that the GH machinery in strain C1A has 
evolved from an ancestor with relatively limited cellulolytic capability to a robust cellulolytic 
and hemicellulolytic organism through the acquisition of genes from multiple bacterial lineages, 
many of which are known to be prevalent in the bovine rumen. Overall, 247 (69.2%) of GH 
genes were most closely related to bacterial orthologs, and 141 (39.5%) of GH genes were most 
closely related to bacterial orthologs from lineages that are prevalent in the bovine rumen. Such 
lineages include families Lachnospiraceae, Clostridiaceae, Eubacteriaceae, and 
Ruminococcaceae within the order Clostridiales, family Streptococcaceae within the order 
Bacillales, family Prevotellaceae within the order Bacteroidetes, as well as the phylum 
Fibrobacteres. Cellulose degradation machinery in strain C1A consists of GH5, GH8, GH9, and 
GH45 endoglucanases and GH6, and GH48 cellobiohydrolases. GH8 is an exclusively 
prokaryotic gene family (41), and phylogenetic analysis of GH5, and GH9 endoglucanases 
indicate their close affiliation with endoglucanases from multiple bacterial sources, including the 
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ruminal genera Clostridium, Ruminococcus, and Eubacterium. On the other hand, strain C1A 
also possesses the distinctively eukaryotic fungal-affiliated GH45 endoglucanases that have 
rarely been observed in bacterial genomes. Similar to endoglucanases, a dual 
prokaryotic/eukaryotic origin of strain C1A cellobiohydrolases was observed. Strain C1A 
possesses multiple GH48 reducing-end cellobiohydrolases, hallmarks of cellulosomal 
cellobiohydrolases, as well as multiple GH6 non-reducing end cellobiohydrolases that are 
common in fungal genomes, but rarely observed in anaerobic cellulolytic bacteria.  
Unlike cellulose metabolism, hemicellulose degradation machinery in strain C1A appears 
to be entirely of prokaryotic origin. The C1A genome contains all genes required for the 
degradation of xylans (glucuronoarabinoxylans, and arabinoxylans), mannans 
(galactoglucomannans, and glucomannans), and mixed β-(1-3, 1-4) glucans. Strain C1A appears 
to be highly adapted to the degradation of xylans, the prevalent hemicelluloses in grasses (order 
Poales) (91). This is evident by the identification of 109 different xylanases, xylosidases, 
arabinofuranosidases, and α-glucuronosidases belonging to families GH10, GH11, GH39, GH43, 
and GH67, in addition to multiple glucuronoarabinoxylan-, and arabinoxylan-debranching 
enzymes (acetylxylan esterases, ferulic acid esterases, and polysaccharide deacetylases). 
Phylogenetic analysis of GH10 xylanases suggests their close affiliation with multiple bacterial 
lineages, including the ruminal genera Butyrivibrio, Clostridium, and Eubacterium. Phylogenetic 
analysis of GH11 xylanases suggests that they have been solely acquired from Fibrobacter 
species, important constituents of rumen microbiota. A similar bacterial origin was also observed 
for GH39 and GH43 xylosidase/arabinofuranosidases as well as GH67 α-glucuronosidases, with 
potential bacterial donors being members of the genera Clostridium, Ruminococcus, 
Butyrivibrio, Cellulosilyticum, Eubacterium, and Provotella. Finally, GH26 mannosidases, and 
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GH16 β-(1,3-1,4)-glucanase, mediating the breakdown of mannans and mixed glucans also had 
similar bacterial origin, with several sequences affiliated with ruminal lineages e.g. Acetovibrio, 
Fibrobacter, and Streptococcus.  
Anaerobic fungi produce cellulosomes: extracellular structures that harbor multiple 
extracellular enzymes bound to scaffoldins (2). Cellulosomal-bound genes in anaerobic fungi 
usually harbor a fungal dockerin domain (FDD) that is similar in structure to carbohydrate 
binding module family 10 (CBM10) (5). We identified a total of 220 genes with FDD; 108 of 
which contained dual glycoside hydrolase-fungal dockerin domains (GH-FDD). GH-FDD genes 
identified suggest that cellulosomal-bound enzymes play a role in the degradation of cellulose 
and hemicellulose; but not chitin, starch, or pectin. Within the remaining FDD-containing genes, 
we identified multiple putative activities that could either aid in biomass degradation (e.g. 
polysaccharide deacetylases, tannase, lipases, swollenin and expansin module proteins), or act as 
cellulosomal preservation and defense mechanisms (e.g. protease inhibitors (serpins)), as well as 
multiple conserved hypothetical and hypothetical proteins. 
Carbohydrate-binding modules (CBM) are non-catalytic domains that are often 
encountered in lignocellulolytic enzymes and promote the association of the enzyme with the 
substrate. A total of 103 genes harboring carbohydrate-binding modules (CBM) domains 
belonging to 6 different CBM families were identified. The majority (75.7%) of CBMs were 
members of the exclusively fungal CBM1 domain. Twenty-six genes with CBM domains were 
associated with GH enzymes, and 7 were associated with PL enzymes (106). Within GH-CBM 
dual domain genes, CBM1 domains were associated with several GH10 and GH11 xylanases, 
CBM18 with GH18 chitinases, and CBM48 with GH13 amylases. No CBM domains were 
identified in GH genes putatively involved in cellulose metabolism in the C1A genome. No 
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CBM2 or CBM3 domains, the prevalent CBM modules in bacterial plant biomass-degradation 
genes and in rumen anaerobic cellulosomal bacteria, respectively, were identified in the C1A 
genome (106). 
Comparative transcriptomic analysis of strain C1A was conducted on cellobiose-grown 
versus microcrystalline cellulose-grown cultures (Figure 2.5). A total of 172 GH genes were 
expressed under both conditions, while 39 and 4 GH genes were identified only in cellobiose-
grown and cellulose-grown cultures, respectively. In cellulose-grown cultures, transcripts 
belonging to GH5 cellulases, as well as GH9 and GH48 cellobiohydrolases were drastically 
upregulated compared to cellobiose-grown cultures. GH8 and GH45 cellulases were only slightly 
upregulated and their overall transcriptional levels were relatively low (Figure 2.5a, b). GH1 and 
GH3 β-glucosidases, essential for substrate degradation under both conditions, were either not 
significantly changed or only slightly upregulated in cellulose-grown cultures (Figure 2.5a, b).  
Analysis of expression profiles of all GH genes identified under both conditions revealed 
that while several cellulase and cellobiohydrolase genes were clearly upregulated in cellulose-
grown cultures, the majority of such genes were not significantly (>2-fold) affected by the 
growth condition (Figure 2.5c), and few were even significantly downregulated. Interestingly, 
few of the genes upregulated in cellulose-grown cultures belong to GH families associated with 
the degradation of plant polymers other than cellulose e.g. GH10 and GH11 xylanases, GH18 
chitinases, and GH26 mannosidases. 
Strain C1A is an effective, versatile biomass degrader. Strain C1A grew readily on untreated, 
as well as mild acid-, mild alkali-, and hydrothermolysis-treated switchgrass, with the concurrent 
utilization of cellulose and hemicellulose fractions, but not lignin (Figure 2.6). Dry weight losses 
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of substrate ranged between 18.6% (28.7% of non lignin fraction) in untreated switchgrass to 
40.8% (53.9% of non lignin fraction) in NaOH-treated switchgrass. Further, adjustments to the 
inoculum/substrate ratios resulted in an increase in the amount of switchgrass metabolized up to 
42.8% and 58.4% of the dry weight of untreated and NaOH-treated switchgrass, respectively. 
Strain C1A performed extremely well on NaOH-treated switchgrass, since this method of 
pretreatment retains the majority of the hemicellulose content (92, 93), which is degradable by 
strain C1A. Strain C1A also grew well on hydrothermolysis-treated switchgrass, presumably due 
to the fact that the removal of hemicellulose resulted in a greater accessibility to cellulose fibers. 
End product analysis indicated that lactate, acetate, and formate are the main end product of 
plant biomass degradation. Only minor amounts of ethanol were produced, ranging between 
0.045-0.096 mg ethanol/mg biomass.  
In addition to switchgrass, we tested the capability of strain C1A to utilize several other 
types of energy crops (e.g. alfalfa, sorghum, energy cane), agricultural residues (e.g. corn 
stover), and grasses (e.g. Bermuda grass). We chose these specific plant materials due to the 
variations in the percentages of cellulose, hemicellulose, and lignin in these plants. The results 
(Figure 6e) demonstrate the versatility of strain C1A, since it was able to metabolize all different 
types of examined plant biomass. Within both untreated and NaOH-treated experiments, strain 
C1A was most effective in metabolism of corn stover, with 40.6% and 62.3% dry weight loss, 
51.0% and 75.8% loss in cellulose fraction, and 43.0% and 74.3% loss in hemicellulose fractions 




 Analysis of the C1A genome revealed thoroughly eukaryotic information processing, 
cytoskeletal structure, and intracellular trafficking machineries. On the other hand, we identified 
multiple cellular processes in which the C1A genome possesses features that appear to be absent 
from Dikarya genomes, but mostly associated with early-branching fungi and non-fungal 
Opisthokonts (Table 2.1). These observations suggest that such features have evolved prior to 
fungal separation from an Opisthokonta ancestor and were subsequently lost during the evolution 
of Dikarya, but were retained in the Neocallimastigomycota. The rationale behind the retention 
of some of these features in the Neocallimastigomycota could be attributed to their unique 
habitat and evolutionary trajectory. For example, the possession of protease inhibitors to guard 
against plant, ciliate, and bacterial proteases is extremely beneficial in the rumen habitat. The 
possession of an axoneme and an intraflagellar-trafficking machinery is required for the motility 
of flagellated zoospores produced by the Neocallimastigomycota, but not the Dikarya. However, 
the rationale behind other observed differences e.g. retention of specific intramembrane 
proteases, post-translational fucosylation capabilities, or the majority of focal adhesion proteins 
in the Neocallimastigomycota is not entirely clear. 
 Many of the observed structural, metabolic, and genomic traits within the C1A genome are 
not shared with other early-branching fungal relatives or non-fungal Opisthokonts, and hence 
could be regarded as Neocallimastigomycota-specific adaptations to the anaerobic gut 
environment. The mitochondrial reductive evolution to a hydrogenosome, the apparent 
substitution of ergosterol with tetrahymanol in the cell membrane (since oxygen is required for 
squalene epoxidation, steroid ring demethylation, and ring unsaturation during ergosterol 
biosynthesis (94)), and the sole dependence on mixed acid fermentation pathway for pyruvate 
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metabolism and energy production in strain C1A are clear adaptations to anaerobiasis. The 
development of cellulosomes, and the acquisition of many GH enzymes could be viewed as an 
adaptation to improve the access, speed, and efficacy of biomass degradation.  
In addition to metabolic adaptations to an O2-independent mode of metabolism and 
organelle development via reductive evolution and gene acquisition, evolution of anaerobic fungi 
in the rumen and gut of herbivores appears to have triggered multiple genome-wide patterns. 
These include the possession of a large genome, the presence of large intergenic regions, the low 
(17.0%) G+C content, and the occurrence of a high level of gene duplication and microsatellite 
repeats (Fig 2.1). We argue that these genome-wide patterns are due to genetic drift, triggered by 
the low effective population sizes, bottlenecks in vertical transmission, and the asexual life style 
of anaerobic fungi. Species with low effective population sizes could tolerate slightly deleterious 
accumulation of DNA, resulting in the expansion in genome size, accumulation of repeats, and 
gene duplications (95, 96). In addition, genetic drift is also associated with an increase in the rate 
of non-lethal mutations, which tends to be biased towards adenine or thymine mutations such as 
cytosine deamination or guanine oxidation (97).  
This study also highlights the extensive lignocellulolytic machinery and robust plant 
biomass degradation capability of strain C1A, observations which are consistent with prior 
studies identifying multiple cellulolytic and hemicellulolytic genes from anaerobic fungal strains 
(5, 14, 15, 68-90), and documenting the capability of such strains to various plant substrates (98-
101). Further, this study clearly demonstrates that the GH machinery in the C1A genome is 
markedly different from that of aerobic lignocellulolytic fungi. Such differences appear to be 
driven by physiological considerations, variations in the employed biomass degradation strategy, 
and habitat distinction. The recent demonstration of an O2-dependent mode of metabolism for 
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GH61 enzymes could explain the ubiquity of this family in aerobic fungal genomes and its 
absence in the C1A genome (102). The utilization of a cellulosomal strategy for plant biomass 
degradation by strain C1A, compared to the free extracellular enzyme strategy of aerobic fungi 
could explain the identification of a large number of GH genes with dockerin domain in the C1A 
genome. Finally, the rumen habitat of the Neocallimastigomycota, and the widespread gene 
acquisition of bacterial GH genes in the C1A genome could explain the occurrence of GH genes 
belonging to families rarely encountered in aerobic fungi e.g. GH8 and GH48. 
 Interestingly, while gene acquisition from prevalent rumen bacterial lineages plays an 
important role in shaping the C1A lignocellulolytic machinery, a fraction of C1A GH genes were 
associated with bacterial lineages that are not regarded as integral members of the bovine rumen 
microbiota e.g. phyla Actinobacteria, Thermotoga, Deinococcus, and Chloroflexi. This intriguing 
observation could possibly be explained by the occasional identification of some of these phyla 
as minor components in the bovine rumen (103). Further, the extensively studied bovine rumen 
should not be regarded as the only possible habitat for anaerobic fungal gene acquisition, since 
anaerobic fungi have a wide distribution in the rumen, hindgut, and feces of multiple ruminant 
and non-ruminant herbivorous (2). Finally, it is important to note that evolution of anaerobic 
fungi from an Opisthokonta ancestor has preceded the evolution of their metazoan herbivores 
hosts (104). As such, anaerobic fungi could have acquired such genes prior to their association 
with the reptilian or mammalian alimentary tracts.   
Transcriptional studies indicated that a large number of polymer-degrading GH genes are 
constitutively expressed in cellobiose-grown cultures. However, C1A cellulose-grown cultures 
exhibited significant increase in the overall transcription levels of specific cellulase (GH5) and 
cellobiohydrolase (GH9 and GH48) GH families, suggesting a prominent role for these three 
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families in cellulose metabolism. The increase in overall levels of transcripts belonging to a 
specific GH family was mainly attributed to the upregulation of a fraction of its genes (Fig 2.5c). 
For example, while the overall transcriptional level of GH48 cellobiohydrolases increased 8-fold 
in cellulose-grown cultures, only 5 out of 12 genes were upregulated in cellulose-grown cultures, 
while 2 genes were not significantly impacted, and 4 were downregulated. Factors influencing 
this observed selective regulation remains to be elucidated.  
Finally, our results suggest that the lignocellulolytic capabilities of strain C1A could be 
exploited outside the rumen for the production of biofuels from plant biomass. The most 
promising approach for lignocellulosic biofuel production involves consolidated bioprocessing, 
which combines the saccharification of lignocellulose and the fermentation of the resulting 
sugars in a single step, and is carried out by a single microorganism or microbial consortia (105). 
Here, we show that strain C1A simultaneously couples the saccharification of the cellulosic and 
hemicellulosic fractions of plants to the fermentation of the resulting hexose and pentose sugars. 
Further, the invasive nature and filamentous growth pattern of these anaerobic fungi allows plant 
biomass degradation to proceed without pretreatment, and the process was significantly 
enhanced using mild pretreatments (Fig 2.6). To our knowledge, the extent of lignocellulosic 
biomass degradation by strain C1A has not been reported for a single microorganism in the 
absence of saccharification enzymes. Anaerobic fungi thus represent extremely promising 
microorganisms for exploitation in direct lignocellulolytic schemes. As part of its fermentative 
metabolism, strain C1A is capable of producing ethanol as a minor end product during pyruvate 
metabolism. Indeed, 1 copy of alcohol dehydrogenase has been identified, and C1A can tolerate 
up to 3% ethanol (data not shown). However, given its relatively low ethanol productivity and 
relatively low ethanol tolerance, efforts towards improving alcohol production and tolerance via 
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physiological and genetic manipulations are needed to improve ethanol productivity in this 




  Figure 2-1. Unique features in the Orpinomyces sp. strain C1A genome. (A) The C1A genome 
has the lowest G+C content in all fungal genomes described thus far. Averages and ranges were 
computed from the publicly available genomes of Ascomycota (n=90), Basidiomycota (n=16), 
basal fungal lineages (n=6), and Microsporidia (n=7). (B) The C1A genome has large intergenic 
non-coding regions compared to publicly available fungal genomes. List of 110 genomes for 
comparison is available in Table S5. (C) The C1A genome has the highest recorded abundances 
of simple sequence repeats within the Mycota, with the majority of repeats in intergenic regions 
and introns. (D) The homopolymeric (A/T) mononucleotide repeats in the C1A genome were not 
only abundant, but also reached lengths of up to 151bp in intergenic regions. Color-coding: 








Figure 2-2. (A) Gene duplication in C1A genome compared to other fungal genomes. Color-
coding: C1A (blue); Laccaria bicolor (red); Magnaporthe grisae (green); Saccharomyces 
cerivisiae (purple); Candida albicans (yellow); Encephalitozoon cuniculi (orange).  (B) 
Identification of C1A genes with at least one ortholog within: (--) Dikarya (n=116), or (--) 
Mycota (Dikarya + basal fungi n=4) genomes at different e-value cutoffs. (i) Panther 
classification (53) and putative phylogenetic affiliation based on blast first hit of C1A genes not 
encountered in Mycota (-- non-fungal eukaryotes, -☐-  prokaryotes), and (ii) genes 










Figure 2-3. Reconstruction of C1A hydrogenosome from genomic data. The double blue lines 
depict the hydrogenosomal outer and inner membrane. Various functional proteins groupings are 
color-coded: Outer mitochondrial membrane translocase complex components (TOM) are shown 
in green, Outer membrane sorting and assembly complex components (SAM) are shown in 
purple, Inner membrane complex components (TIM) are shown in orange, Intermembrane space 
import and assembly proteins (MIA) are shown in blue, Intermembrane space small TIMs are 
shown in yellow, mitochondrial peptidases (inner membrane peptidase (IMP), mitochondrial 
processing peptidase (MPP), mitochondrial intermediate peptidase (MIP), and the mitochondrial 
signal peptidase PCP1) are shown in red, mitochondrial distribution and morphology (MDM) 
proteins are shown in white, chaperones and co-chaperones are shown in brown, Fe-S assembly 
proteins are shown in black, and membrane transporters are shown in grey (VDAC: voltage-
dependent anion channel, MCF: mitochondrial carrier family). Enzymes involved in pyruvate 
metabolism, substrate level phosphorylation and redox carriers regeneration are numbered: 1. 
Pyruvate kinase, 2. Phosphoenolpyruvate (PEP) carboxykinase, 3. Malate dehydrogenase, 4. 
Fumarase, 5. Fumarate reductase, 6. Citrate synthase, 7. Aconitase, 8. Isocitrate dehydrogenase, 
9. Pyruvate formate lyase, 10. D-lactate dehydrogenase, 11. Acetaldehyde dehydrogenase, 12. 
Alcohol dehydrogenase, 13. Acetyl-CoA hydrolase (acetyl-CoA:succinyl transferase), 14. 
Succinyl-CoA synthase, 15. ATP synthase. SDH: succinate dehydrogenase, H2ase: hydrogenase, 






















































































































































































Figure 2-4. Glycoside hydrolase (GH) families in the C1A genome. (A) Number of C1A genes 
belonging to different GH families. (B) Principal-coordinate analysis biplot of the distribution of 
GH families in the C1A genome, compared to those in selected 19 other fungal and bacterial 
genomes. Genomes are represented by stars and GH families are represented by arrows. The 
arrow directions follow the maximal abundance, and their lengths are proportional to the 
maximal rate of change between genomes. Am: Allomyces macrogynus, At: Anaerocellum 
thermophilum DSM 6725, Ao: Aspergillus Oryzae, Bd: Batrachochytrium dendrobatidis, Co: 
Caldicellulosiruptor obsidiansis, Cp: Clostridium phytofermentans ISDg, Ct: Clostridium 
thermocellum ATCC 27405, Fs: Fibrobacter succinogenes subsp. succinogenes S85, Mg: 
Magnaporthe grisea, Mc: Mucor circinelloides, Mt: Myceliophthora thermophila, Nc: 
Neurospora crassa, Pa: Podospora anserina, Pp: Postia placenta, Ro: Rhizopus oryzae, Ra: 
Ruminococcusus 7, Sp: Spizellomyces punctatus, Tr: Trichoderma reesei. Spizellomyces 























































































































































































Figure 2-5. (A-B) Transcription levels of various GH families genes involved in cellulose 
degradation in cellulose (blue)- versus cellobiose (red)-grown cultures.  Transcription levels are 
expressed as absolute transcripts per million (TPM) in (A), and as normalized TPM relative to a 
suite of glycolytic genes in (B). (C) Differential GH genes expression by strain C1A grown on 
cellulose (Y-axis) and cellobiose (X-axis) expressed as log2TPM. Only genes with TPM ≥10 in 
at least one growth condition were used to construct the graph. The 2 diagonal lines represent 
boundaries between genes upregulated (above the upper line), downregulated (below the lower 
line), or not significantly changed (in between the 2 lines) in cellulose- versus cellobiose-grown 
cultures. Color-coding: cellulases and cellobiohydrolases (blue); β-glucosidases (red); other 



























































































Figure 2-6. Lignocellulolytic capabilities of strain C1A. Grams of dry weight (), cellulose (), 
hemicellulose (), and lignin () lost in microcosms that contained untreated (A), sodium 
hydroxide-treated (B), acid-treated (C), and hydrothermolysis-treated (D) switchgrass.  The 
percentages of dry weight (), cellulose (), and hemicellulose () lost in microcosms with 












Table 2-1- Salient differences identified between strain C1A genome, basal fungal genomes, 
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TRANSCRIPTOMIC ANALYSIS OF LIGNOCELLULOSIC BIOMASS 








Anaerobic fungi reside in the rumen and alimentary tract of herbivores where they play an 
important role in the digestion of ingested plant biomass. The anaerobic fungal isolate 
Orpinomyces sp. strain C1A is an efficient biomass degrader, capable of simultaneous 
saccharification and fermentation of the cellulosic and hemicellulosic fractions in multiple types 
of lignocellulosic biomass. To understand the mechanistic and regulatory basis of biomass 
deconstruction in anaerobic fungi, we analyzed the transcriptomic profiles of C1A when grown 
on four different types of lignocellulosic biomass (alfalfa, energy cane, corn stover, and 
sorghum), versus a soluble sugar monomer (glucose). A total of 468.2 million read (70.2 GB) 
were generated and assembled into 27,506 distinct transcripts. CAZyme transcripts identified 
included 385, 246, and 44 transcripts belonging to 46, 13, and 8 different glycoside hydrolases 
(GH), carbohydrate esterases (CE), and polysaccharide lyases (PL) families, respectively. 
Examination of CAZyme transcriptional patterns indicates that strain C1A constitutively 
transcribes a high baseline level of CAZyme transcripts on glucose, with a broad induction of the 
majority of transcripts when grown on plant biomass. Further, strain C1A co-transcribes multiple 
functionally redundant enzymes for cellulose and hemicellulose saccharification that are 
mechanistically and structurally distinct. Analysis of fungal dockerin domain (FDD)-containing 
transcripts strongly suggests that anaerobic fungal cellulosomes represent distinct catalytic units 
capable of independently attacking and converting intact plant fibers to sugar monomers. 
Collectively, these results demonstrate that strain C1A achieves fast, effective biomass 
degradation by the simultaneous employment of a wide array of constitutively-transribed 
cellulosomal-bound and free enzymes with considerable functional overlap. We argue that the 
utilization of this indiscriminate strategy could be justified by the evolutionary history of 
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Lignocellulosic biomass is a vast and underutilized resource for the production of biofuels. 
Compared to current schemes that rely on edible crops, lignocellulosic biomass utilization for 
sugar and biofuel production offers multiple advantages. It is abundant, renewable, and alleviates 
the moral stigma of using edible crops for industrial purposes. Further, the utilization of available 
lignocellulosic biomass overcomes the need for expanding farming acreage, and the subsequent 
increase in input of chemical fertilizers to the environment [1-3]. 
 One of the most important procedures for the production of lignocellulosic biofuels 
involves the utilization of enzymes to extract sugar from plant polymers.  The extracted sugars 
are then converted into biofuel using dedicated sugar-fermenting microorganisms [4]. However, 
the sugar extraction process from lignocellulosic biomass is far more complicated than sugar 
extraction from cereal grains (mainly corn in the US) [5]. This is due to the fact that the target 
substrates in lignocellulosic biomass (cellulose and hemicellulose) are structural components of 
plant cell walls, which are chemically bound to a variety of complex macromolecules (mainly 
lignin) [6]. Therefore, a combination of chemical pretreatments and exogenous enzyme cocktails 
addition are required for their effective mobilization and deconstruction [7, 8]. Enzymatic 
treatment of lignocellulosic biomass is a complex endeavor requiring multiple enzymes, a fact 
that significantly raises the cost of the process. 
One alternative that circumvents the need for harsh pretreatments and exogenous 
enzymes amendments for the extraction of sugar monomers extraction from lignocellulosic 
biomass is the use of specialized microbial cultures for biomass deconstruction [9-11]. Microbial 
strains capable of cellulose and/or hemicellulose degradation produce not only cellulolytic and 
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xylanolytic enzymes targeting the backbone of these polymers, but also multiple accessory 
enzymes for removing side chains and breaking lignin-hemicellulose bonds [12-14]. Of special 
interest are lignocellulolytic microbes exhibiting anaerobic fermentative mode of metabolism 
since a significant fraction of the starting substrates could be recovered as fermentation end 
product.  
The anaerobic gut fungi (Phylum Neocallimastigomycota) are unique in combining the 
resilience and invasiveness of fungi with the metabolic capabilities of anaerobic fermentative 
prokaryotes [15]. Anaerobic fungi are inhabitants of the rumen and alimentary tract of herbivores 
where they play an important role in the metabolism of ingested plant material [16]. It has been 
established that in such habitats, these organisms play a role akin to their aerobic counterparts in 
soils and streams. By attaching themselves to plant materials, they colonize and excrete 
extracellular enzymes that mobilize the structural plant polymers to be available to other 
microbes. Anaerobic fungi possess a powerful cellulolytic and hemicellulolytic enzymatic 
machinery [12] that aids in the required fast and efficient degradation of plant material in its 
relatively short residence time within the herbivorous gut [17]. Such capabilities have been 
demonstrated through experimental evaluation of anaerobic fungal isolates [18-21], biochemical 
characterization of anaerobic fungal enzymes [12], and recent genomic analysis of their 
lignocellulolytic repertoire [22]. 
We are currently exploring the utility of an anaerobic fungal isolate (Orpinomyces sp. 
strain C1A, henceforth referred to as strain C1A) for use in a consolidated bioprocessing 
framework for biofuels production. Developing an understanding of the genetic and regulatory 
mechanisms that enables efficient biomass degradation by strain C1A is central to gauging its 
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potential as a sugar extraction platform in biofuel production schemes. Our previous efforts have 
documented the lignocellulosic biomass degrading capabilities of C1A [22, 23], and the 
expansion of carbohydrate active enzymes (CAZymes) in its genome [22]. However, key 
questions regarding strain C1A lignocellulolytic capabilities remains unanswered. For example, 
patterns of differential transcription of various CAZyme families, especially those mediating 
apparently similar enzymatic activities, when grown on different types of substrates are currently 
unclear. Similarly, the differential transcriptional patterns and putative contribution to biomass 
degradation of the large number of CAZyme genes identified in C1A genome has not been 
investigated in anaerobic fungi. Finally, the transcriptional profiles and differential 
transcriptional patterns of fungal dockerin-containing (putatively cellulosomal-bound) in 
anaerobic fungi have yet to be determined in anaerobic fungi.   
Here we present a detailed comparative analysis of the transcriptomic profiles of C1A 
when grown on four different types of lignocellulosic biomass (alfalfa, energy cane, corn stover, 
and sorghum), versus a soluble sugar monomer (glucose). Our analysis aimed at addressing the 
patterns of regulation of lignocellulosic gene transcription in C1A, the contribution of various 
CAZyme gene families to biomass degradation in C1A, and the significance of gene expansion 





Orpinomyces sp. strain C1A. Strain C1A was isolated from the feces of an Angus steer in our 
laboratory on a cellobiose-switchgrass medium as described previously [22]. Strain C1A is 
maintained by biweekly subculture on a cellobiose-rumen fluid medium as described previously 
[35].  
Plant biomass. Samples of mature Sorghum (Sorghum bicolor) and mature energy cane 
(Saccharum officianarum var. Ho02) were obtained from Oklahoma State University 
experimental plots in Stillwater, OK. Dried alfalfa (Medicago sativa) was obtained from a local 
farm and ranch supplier. Samples of corn stover from Zea mays were obtained from the 
Industrial Agricultural Products Center at the University of Nebraska in Lincoln.  
Experimental setup. All transcriptomic experiments were conducted in a rumen fluid-free basal 
media containing (g.L-1): 0.5 g yeast extract, 0.47 g sodium butyrate, 2.4 g sodium acetate, 0.8 g 
sodium propionate, 2 g tryptone, 2 ml hemin solution (5 g.L-1 in 1M NaOH), 9.3 ml of fatty acid 
solution (composition ml.L-1: 11.7 ml isobutyric caid, 11.7 ml valeric acid, 11. 7 ml isovaleric 
acid, and 11.7 ml methylbutyric acid), 150 ml of mineral solution I (3 g.L-1 K2HPO4), 150 ml of 
mineral solution II (composition g.L-1: 3 g KH2PO4, 6 g (NH4)2SO4, 6 g NaCL, 0.6 g 
MgSO4.7H2O, 0.6 g CaCl2.2H2O), 10 ml of Balch Vitamin solution (composition mg.L
-1: 2 mg 
biotin, 2 mg folic acid, 10 mg pyridoxine-HCl, 5 mg thiamine-HCl, 5 mg riboflavin, 5 mg 
nicotinic acid, 5 mg DL calcium pantothenate, 0.1 mg vitamin B12, 5 mg PABA, 5 mg lipoic 
acid), 1 ml Wolin’s metal solution (composition g.L-1: 0.5 g EDTA, 3 g MgSO4.7H2O, 0.5 g 
MnSO4.H2O, 1 g NaCl, 0.1 g CaCl2.2H2O, 0.1 g FeSO4.7H2O, 0.1 g ZnSO4.7H2O, 0.01 g 
CuSO4.7H2O, 0.01 g AlK(SO4), 0.01 g Na2MoO4.2H2O, 0.01 g boric acid, 0.005 g Na2SeO4, 
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0.003 g NiCl2.6H2O, 0.1 g CoCl2.6H2O). After the medium was prepared, the pH was adjusted to 
6.6.  The medium was then dispensed under strictly anaerobic conditions as previously described 
[36, 37]. After the medium was dispensed, sodium carbonate (6 g.L-1) was added and the bottles 
were stoppered, sealed, and autoclaved at 121°C for 20 minutes. After autoclaving, the bottles 
were cooled to room temperature.  Bottles that were amended with plants materials were moved 
into an anaerobic glove bag (Coy Laboratory Products Grass Lake, MI), where the appropriate 
type of plant biomass (10 g.L-1) was added. The bottles were then stoppered, sealed, and 
removed from the glove bag, and the headspace was replaced by repeated vacuuming and 
repressurization with 100% CO2 (insert Balch reference). Bottles that contained glucose were 
amended with 3.75 g.L-1 from an anaerobic, sterile stock solution. All experiments that were 
conducted with plant biomass and glucose were performed in duplicate. The inoculum source for 
these experiments consisted of strain C1A that was grown in a rumen fluid-free cellobiose media 
(same composition as above with the addition of 10 g.L-1 cellobiose as the carbon source) until 
late log/early stationary phase.  The inoculum was then centrifuged and resuspended in 20 mls of 
basal media with no carbon source.  The experiment was started by adding this slurry of basal 
medium and fungal biomass (approximately 48 mg) into the appropriate bottles described above. 
RNA extraction and sequencing. RNA extraction was conducted on late-log phase cultures 
after 48 hours of inoculation. Fungal biomass was harvested by vacuum filtration and ground 
into fine particles with a pestle under liquid nitrogen as previously described [35]. Total cellular 
RNA was extracted from ground fungal biomass using Epicentre MasterPure Yeast RNA 
Purification kit (Epicentre, Madison, WI, USA), stored in the provided RNase-free TE buffer, 
and quantified using Qubit fluorometer (Life Technologies, Carlsbad, CA, USA).  
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RNA-Seq [38] was conducted using the HiSeq 2000 platform with 125x2 paired-end read 
chemistry at the University of Georgia Genomics Facility (Athens, GA, USA). Biological 
replicate sequencing libraries for all conditions (glucose, corn stover, sorghum energy cane and 
alfalfa) were created with poly-A tailed mRNA enrichment using the standard Illumina TruSeq 
mRNA RNA-Seq protocol (http://www.utsouthwestern.edu/labs/next-generation-sequencing-
core/assets/truseq-stranded-mrna-sample-prep-guide.pdf). The sequencing libraries had an 
average insert size of approximately of ~300 bp. Illumina recommend quality filter methodology 
was used for base calling. 
Transcriptome Assembly and RNA-Seq Quantification. To represent all biological iso-forms 
present in the various growth conditions, the generated Illumina sequencing RNA-Seq [38] reads 
were assembled [39] using the de novo transcriptomic assembly program Trinity [40] using 
previously established protocols [41]. All settings for Inchworm, Chrysalis, and Butterfly steps 
were implemented according to the recommended protocol for fungal genomes, with the 
exception of the absence of the “–jaccard_clip” flag due to the low gene density of anaerobic 
fungal genomes. The assembly process was conducted on the Oklahoma State University High 
Performance Computing Cluster using a dual Intel Xeon E5-2620 “Sandy Bridge” hex core 2.0 
GHz CPU node with 256GB of RAM (https://hpcc.okstate.edu/content/cowboy-overview). 
Quantitative levels for all assembled transcripts were generated by mapping all generated 
sequencing reads to the assembled transcripts using the short read alignment mapping program 
Bowtie2 [42]. The quantitative program RSEM [43] was used to calculate all quantitative values 
in Fragments Per Kilobase of transcript per Million mapped reads (FPKM). To assess variability 
between biological replicates, the coefficient of determination R2 was calculated between 
biological replicate pairs using RSEM-generated FPKM values. All FPKM values were 
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normalized to the library size using the R package DESeq [44]. The obtained p-values were used 
to assess the significance of transcripts’ up and down regulation as shown in Tables 2-4 
footnotes. All normalized FPKM values shown are averages of two biological replicates. Total 
normalized FPKM of different GH families when Orpinomyces C1A was grown on the different 
substrates were used in a principal component analysis (PCA) using the R statistical package 
Labdsv [45] and results were visualized in a biplot.  
Transcripts Functional Annotation and CAZyme Identification. Transcripts annotation of all 
genes was conducted using a combination of homology comparison to public databases, protein 
domain identification, and peptide secretion signal prediction. Predicted protein sequences from 
the assembled transcripts were generated using the Transdecoder software portion in the Trinity 
package [40]. Transcripts that were present in at least one condition with an FPKM ≥ 1 and 
contained a predicted peptide coding regions were used in subsequent analysis. Predicted 
peptides were compared to public databases to identify the phylogeny using NCBI Blast C++ 
[46], where an e-value of e-5 or less was used as a cutoff for Blast classification. Signal peptide 
prediction was conducted using signalP 4.0 [47] using the recommend settings and eukaroytic 
training set. Protein domain identification [48] was achieved using the hmmscan portion of the 
HMMER software package [49]. An e-value of e-4 was used as a cutoff for significance for 
domain assignment. All predicted peptide sequences were profiled against the PFAM 27.0 
database [48] for general functional domain assignment. To specifically identify peptide 
sequences that are putative Carbohydrate Active Enzymes (CAZymes), all sequences were 
profiled against the Database for automated Carbohydrate-active enzyme Annotation (dbCAN) 
[50]. Sequences identified were further classified through manual curation and structural 
comparisons. Putative cellulosomal localization of transcripts was identified by the presence of 
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the CBM_10 (Dockerin) domain that has previously been established as the enzyme attachment 
component to cellulosome in anaerobic fungi [51].  
Differential transcriptional patterns between different conditions were conducted by comparing 
Log2 [FPKMbiomass/ FPKMglucose] values. For inter-conditions comparisons, a threshold of log2 
ratio >1, and log2 ratio <-1 (corresponding to two-fold over-, or under-expression, respectively) 
was used to designate a specific transcript as significantly over-, or under-expressed, 
respectively. To study the effect of plant biomass on the cellulosomal composition, we utilized 
likelihood-ratio-Chi-squared test to examine the significant difference between the relative 
abundances of various protein categories in the glucose-grown versus plant biomass-grown 
cultures. 
Sequence availability and accession numbers. Raw sequencing reads from each condition and 
the assembled transcript sequences will be available at GenBank under the accession number 





RNA-seq output summary. A total of 468,159,494 (70.2 GB) quality-filtered reads were used 
for transcriptome assembly and quantitative RNA-seq analysis (Table 3.1). The number of reads 
generated for each growth condition ranged from 58.61 million (8.7 GB) in alfalfa-grown 
cultures to 141.24 million (21.19 GB) in sorghum-grown cultures (Table 3.1). This level 
corresponds to 88.73X -201.77X genomic coverage, and 426.73X-1115.07X predicted cDNA 
coverage. The generated assembly had an N50 of 1,319 bp. A total of 27,506 distinct transcripts 
with predicted peptides were identified in the assembly. 
Strain C1A CAZymes and potential lignocellulolytic capabilities. A total of 385, 246, and 44 
distinct transcripts belonging to 44, 13, and 8 different GH, CE, and PL families, respectively, 
were identified in at least one condition, with the majority being transcribed under all five-
growth conditions examined. Collectively the CAZyme transcripts identified demonstrate the 
capability of strain C1A to degrade cellulose (putative endoglucanases of GH5, GH9, GH45, 
GH48, GH124; cellobiohydrolases of GH6 and GH48; β-glucosidases of GH1 and GH3); major 
types of hemicellulose including arabinoxylans/ glucuronoarabinoxylans (putative xylanases of 
GH10, and GH11; β-xylosidases and α-L-arabinofuranosidase of GH39 and GH43; β-
galacotosidases of GH2; α-glucuronidase of GH67 and GH115), 
glucomannans/galactoglucomannans (putative mannanases and mannosidases of GH26; and β-
galactosidases of GH2), mixed glucans ( putative β-(1-3, 1-4) endoglucanase of GH16; and β-
glucosidases of GH1 and GH3), and  xyloglucans (putative xyloglucanases of GH67 and GH74; 
and α-fucosidase of GH95). In addition to cellulose and hemicellulose, transcripts indicative of 
the capacity to degrade laminarin (putative 1,3-β-D-endoglucanase of GH55 and GH64; and β-
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glucosidases of GH1 and GH3), starch (putative α-amylase of GH13and GH119 and α-amylase/ 
amylopullulanase of GH57), pectin (putative polygalacturonase of family GH28; endo-β-1,4-
galactanase of family GH53; α-L-rhamnosidase of GH78; unsaturated rhamnogalacturonyl 
hydrolase of GH105; pectate lyases of PL3, PL9, PL10; pectin lyase of PL1; 
rhamnogalacturonan lyase of PL4 and PL11; and oligogalacturonate lyase of PL22), chitin 
(putative chitinase of GH18 and GH51), and polygalactosamine (putative endo-α-1,4-
polygalactosaminidase of GH114) were also identified  
Transcriptional patterns of CAZymes in strain C1A at the family and transcript levels. We 
analyzed the transcriptional patterns of CAZymes in strain C1A at the family and transcript 
levels. When grown on glucose, strain C1A constitutively transcribes a relatively high baseline 
level of CAZyme (GHs, CEs, but not PLs) transcripts that include a wide range of cellulolytic, 
hemicellulolytic, amylolytic, and accessory enzymes. Indeed, many of the CAZymes families 
were transcribed at levels comparable to, or even exceeding, those of key glycolytic enzymes 
such as pyruvate kinase (normalized FPKM of 115.2), Fructose-bisphosphate aldolase 
(normalized FPKM value 1563.5), and even in few cases (e.g. GH45 endogluconase, GH48 
cellobiohydrolase, and GH119 α-amylase), glyceraldehyde-3-P dehydrogenase (normalized 
FPKM of 2970.4). Growth on lignocellulosic biomass was associated with few distinct changes 
in transcriptional levels of several GH families (Figure 1, table 3.2). In total, 6 GH families 
(GH1, GH6, GH18, GH57, GH109, and GH114) were significantly (p-value <0.01) up regulated, 
while one (GH119) was significantly (p-value <0.01) down regulated across all four 
lignocellulosic biomass growth conditions. In addition, few families (GH9, GH25, GH55, GH67, 
and GH124) showed increased (higher normalized FPKM values), or decreased (lower 
normalized FPKM values, GH4, GH8, GH28, GH30, GH37, GH45, GH97, and GH115) 
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transcriptional levels in all examined growth conditions, although this change was statistically 
significant (p-value <0.01) only in some, but not all, growth conditions examined.  
Within highly transcribed GH families putatively involved in cellulose degradation 
(GH1, GH3, GH5, GH6, GH9, GH45, and GH48, defined using a normalized FPKM cutoff 
value > pyruvate kinase, the glycolytic gene with lowest transcriptional level under all growth 
conditions, only one putative cellobiohydrolase (GH6) and one putative β-glucosidase (GH1) 
families were significantly upregulated in all plant biomass conditions compared to glucose. one 
putative endoglucanase family (GH9) showed higher transcriptional levels on all  plant biomass 
conditions, although this upregulataion was significant (p-value <0.01) only in three (energy 
cane, corn stover, and sorghum) out of four examined growth conditions. One the other hand 
GH48 cellobiohydrolases were significantly downregulated in alfalfa and sorghum grown 
cultures compared to glucose (Figure 3.1).  
While few, yet distinct, differential regulation patterns where observed in cellulolytic GH 
families, no clear family wide up or downregulation patterns were observed in xylanolytic 
families. Transcriptional levels of the GH10 putative xylanases, GH39 and GH43 putative 
xylosidases did not show any statistically significant difference when comparing all four plant 
biomass conditions, compared to glucose (Figure 3.1). Within GH11 xylanases, only significant 
upregulation was observed only in sorghum grown cultures compared to glucose (Figure 3.1). 
Collectively, these results suggest that strain C1A constitutively transcribes high level of 
lignocellulosic enzyme transcripts, even in the absence of lignocellulosic substrates, with growth 
on lignocellulosic biomass with the substrate elicits few distinct changes in transcriptional 
patterns of specific GH families (Figure 3.1). This overall pattern of transcriptional change, or 
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lack thereof, is quite distinct from the scheme utilized by aerobic lingocellulolytic fungi (e.g. 
Aspergillus niger and Trichoderma reesi [24, 25]), where growth on lignocellulosic biomass 
causes a drastic induction of cellulolytic and lignocellulolytic enzymes from low, almost 
undetectable transcriptional levels on glucose. However, this pattern is broadly similar to 
transcriptomic response observed in anaerobic lignocellulolytic bacteria (e.g. Clostridium 
phytofermentans, C. cellulolyticum, C. thermocellum [26-28]), which grow and express their 
CAZymes on glucose as well as lignocellulolytic biomass.  
On a single transcript level, 39 (energy cane) to 48 (alfalfa) GH transcripts were 
significantly (P<0.01) upregulated in biomass-grown versus glucose-grown cultures, while a 
broadly comparable numbers of transcripts (53 sorghum - 66 corn stover) were significantly 
downregulated. The majority of transcripts (192 in corn stover and energy cane, and 210 in 
alfalfa and sorghum), however, did not show a significant change in transcription levels (P>0.1). 
A similar pattern was also observed for CE and PL families as well. 
We also correlated transcriptional levels of various GH families with the composition 
(cellulose and hemicellulose content) of plant materials examined as growth substrate in this 
study. Transcriptional levels of some cellulolytic CAZyme families e.g. GH5, GH6, GH9, GH48, 
and GH124 were positively correlated (Pearson correlation coefficients of 0.42, 0.81, 0.71, 0.58, 
and 0.62) with the substrates’ cellulose content (i.e. overall normalized FPKM of the family was 
higher in plants with higher cellulose content). However, no such correlation was observed for 
GH8 or GH45 (Pearson correlation coefficients of 0.06, -0.36, respectively). On the other hand, 
no clear correlation was observed between transcriptional levels of xylanase CAZyme families 
(GH10 and GH11) and hemicellulose content (Pearson correlation coefficient of -0.32 and -0.19, 
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respectively). GH39 xylosidase showed a positive correlation with hemicellulose content 
(Pearson correlation coefficient of 0.60), while GH43 xylosidase showed a strong negative 
correlation with hemicellulose content (Pearson correlation coefficient of -0.93). 
Strain C1A employs multiple functionally redundant but structurally and mechanistically 
distinct processes for biomass degradation. To examine the relative contribution of various 
CAZyme families to biomass degradation under different growth conditions, we quantified the 
relative transcriptional levels of families putatively mediating the deconstruction of various plant 
polymers as a fraction of an overall specific activity. Our results (Figure 3.2) demonstrate that 
strain C1A co-transcribes multiple functionally redundant enzymes (i.e. mediating the exact 
same chemical reaction and targeting the same substrate) that are, nevertheless, mechanistically 
and structurally distinct. While the identification of many of these genes in anaerobic fungi has 
been previously documented [22, 29], their differential transcriptional patterns and relative 
contribution to biomass degradation under various growth conditions have not been previously 
studied. For example, transcripts of putative endoglucanases belonging to five distinct families 
were identified, three of which (the (α/β)8 TIM barrel retaining GH5,  the (α/α )6  barrel inverting 
GH9, and the β barrel inverting GH45) represented >15% of overall endoglucanases under all 
growth conditions (Figure 3.2A). A similar high level of co-transcription of the inverting α/β 
barrel GH6 putative cellobiohydrolase acting on the non-reducing end of cellulose molecules and 
the retaining (α/β)8 TIM barrel putative cellobiohydrolase acting on the reducing end of the 
cellulose molecule were observed (Figure 3.2B). Finally, a high co-transcriptional level of GH1 
and GH3 putative β-glucosidases were also observed (Figure 3.2C). Within putative xylanolytic 
enzymes, a similar phenomenon is observed between the retaining (α/β)8 TIM barrel GH10 
putative xylanase and the retaining β-jelly roll GH11 (Figure 3.2D), and the same dynamic was 
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observed putative xylosidases (GH39 and GH43) mediating depolymerization of xylooligomers 
(Figure 3.2E). 
Interestingly, distinct shifts in the relative transcripts abundances of GH families as a 
fraction of an overall specific activity were frequently observed (Figure 3.2). Within glucose-
grown cultures, the majority of putative endoglucanases belonged to GH45 (65% of putative 
endoglucanases normalized FPKM in glucose grown cultures). However, when grown on plant 
biomass, the relative abundance of GH45 decreased, with a concomitant increase in the relative 
abundance of GH9 putative endoglucanases (Figure 3.3A). Similarly, growth on plant biomass 
was invariably associated with an increase in the relative contribution of GH6 and a reciprocal 
decrease in the relative contribution of GH48 to the overall cellobiohydrolase activity (Figure 
3.3B).  
A limited number of lignocellulolytic transcripts are highly transcribed under all growth 
conditions. Within a single CAZyme gene family, often a large number of distinct transcripts 
were identified, and this was especially true for families with a high overall transcriptional 
activity. Indeed, a broad positive correlation between the total FPKM level of a specific GH 
family and the number of transcripts identified belonging to this family was observed. To further 
zoom in on the putative variations in the contribution of specific transcripts belonging to a 
certain GH family to biomass degradation, we examined the transcriptional levels of all 
individual transcripts within key GH families. Out of the large number of transcripts identified in 
each family, a fairly limited (1-6) number of transcripts were dominant (i.e. represent >10% of 
the total normalized family FPKM under at least one growth condition) in all instances (Figure 
3.4). Transcriptional patterns of dominant transcripts under different growth conditions varied 
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across different CAZyme families. In some families (e.g. GH6, GH13, and GH39) a single 
transcript represented the majority (>60%) of all FPKM levels across all growth conditions. In 
other instances, few (2-3) transcripts consistently represented the majority of family transcripts, 
with their relative abundance patterns remaining fairly stable across various growth conditions 
(e.g. GH18, GH43, and GH57). Within the remaining families, a significant shift in the relative 
transcriptional level, and hence putative contribution, was observed between different growth 
conditions. For example, specific transcripts in GH5 (m.22928), GH13 (m.23494), GH43 
(m.5510), GH45 (m.23474), and GH48 (m.19942) appear to be highly transcribed in glucose-
grown cultures, but their relative importance diminishes in lignocellulosic biomass-grown 
cultures. Conversely, some transcripts appear to be prominent and differentially upregulated in 
lignocellulosic biomass-grown cultures, while their contribution to the overall activity dwindles 
in glucose-grown cultures (e.g. m.17949, and m.17964 in GH9, m.20865 in GH10, m.21149 in 
GH11, and m.23473 in GH45). Collectively, the results demonstrate that while some families 
show differential transcriptional patterns in response to growth conditions, a few stable “core” of 
transcripts, especially within highly transcribed CAZyme families in strain C1A, appears to be 
consistently predominant.  
Fungal dockerin domain (FDD)-containing transcripts. Anaerobic fungi produce 
cellulosomes, surface-attached structures where multiple enzymes act synergistically towards the 
degradation of lignocellulosic biomass. As previously described, cellulosome-bound genes in 
anaerobic fungi usually harbor a fungal dockerin domain (FDD) that is similar in structure to 
carbohydrate-binding module family 10 (CBM10) [12]. By determining FDD occurrence in all 
transcripts, a total of 278, 283, 292, 288, and 291 were putatively identified as “cellulosomal-
bound transcripts” in glucose-, alfalfa-, energy cane-, corn stover-, and sorghum-grown C1A 
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cultures, respectively, with the absolute majority of transcripts identified in all examined growth 
conditions. Cellulosomal-bound transcripts were affiliated with 4 broad major categories (Figure 
3.5): biomass-degrading CAZymes and accessory enzymes; hypothetical and conserved 
hypothetical proteins; proteases, phosphohydrolases and protease inhibitors (serpins); and the 
enigmatic CotH family protein transcripts previously observed in fungal and bacterial 
cellulosomes and previously implicated as a structural component of the cellulosome [30]. 
Analysis of the transcriptional patterns of FDD transcripts under different growth conditions 
indicated that the relative contribution of the four major categories described above to the overall 
cellulosomal composition did not vary significantly when C1A was grown on glucose versus 
plant biomass (likelihood ratio χ2=59.88, p-value=0.055).  
Examination of FDD CAZyme and accessory transcripts suggests the involvement of the 
cellulosome in all stages of cellulose (putative endoglucanases, cellobiohydrolases, and β-
glucosidases), arabinoglucoxylan (putative xylanases, xylosidases, arabinofuranosidases, 
acetylxylan esterase, and feruoyl esterases), xyloglucan (xyloglucanases), and glucomannan 
(putative mannanases/mannosidases) degradation. Within a specific GH family, the relative 
contributions of FDD transcripts to the overall family transcriptional level varied. Based on 
number of transcripts and transcriptional activity, FDD transcripts represent the absolute 
majority of transcriptional activity in GH48 putative cellobiohyrolases, the majority in GH5 
putative endoglucanases, roughly half the transcriptional activity in GH9 putative 
endoglucanases, GH10 putative xylanases, and GH43 putative β-xylosidases, and a small 
fraction of the transcriptional activities of GH11 putative xylanases and GH45 putative 
endoglucanases. Interestingly, overall expression of GH and accessory enzymes transcripts were 
significantly down regulated in three (alfalalfa, energy cane, and sorghum) growth conditions, 
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mainly due to the significant downregulation of GH48, a major component of the cellulosome, 
under these growth conditions. Other notable contributions of the putatively cellulosomal-bound, 
FDD harboring transcripts to biomass degradation include the prevalence of carbohydrate 
esterases (3.5-5.7% of overall FDD transcripts, depending on the growth condition), and feruloyl 
esterases (up to 3.8% of overall FDD transcripts) within all FDD-harboring transcripts (Figure 
3.5), suggesting an important role of the cellulosome in the mobilization and debranching of 
hemicellulose backbones.  In addition to CAZyme families responsible for cell wall 
decomposition, an important accessory transcript belonging to the swollenin/expansin enzyme 
family was identified as cellulosomal-bound. This enzyme family enables plant cell lengthening 
through non catalytic disruption of hydrogen bonds in plant cell walls [31]. Homologs of this 
enzyme family have also been shown to enhance cell wall decomposition when utilized by 
microorganisms [32]. Out of the five swollenin/expansin transcripts identified, four contained an 
FDD, and they represented 89-97% of total normalized FPKM activity, depending on the growth 
condition, of total swollenin transcripts identified in C1A transcriptome. Although swollenin and 
GH45 are structurally related [33], the predominantly cellulosomal transcriptional pattern of the 
non-enzymatic swollenin is in contrast to that observed mostly free extracellular patterns for 
GH45 transcripts. The predominance of this non-catalytic homolog in the cellulosome 
emphasizes their important role in cell wall weakening as an additional mechanism to enhance 





In this study, we analyzed transcriptional patterns in strain C1A when grown on plant biomass as 
well as soluble (glucose) substrates. Collectively, our results suggest that strain C1A 
constitutively transcribes a wide array of FDD containing (i.e. putatively cellulosomal-bound) 
and free extracellular lignocellulolytic enzymes under all examined conditions. The results also 
highlight the simultaneous involvement of multiple functionally redundant CAZymes in plant 
biomass degradation, arguably as a tool to improve the speed and extent of biomass degradation 
by anaerobic fungi within its natural habitat (the herbivorous gut). Finally, the results provide an 
in-depth evaluation of the contribution of free versus FDD-containing (i.e. putatively 
cellulosomal-bound) enzymes in biomass degradation in strain C1A. 
Our results demonstrate that strain C1A constitutively transcribes a wide array of 
transcripts encoding lignocellulolytic enzymes. Microorganisms growing on lignocellulosic 
biomass invariably spend a large fraction of their carbon and energy reserves on the synthesis 
and export of lignocellulolytic enzymes (CAZymes). Therefore, regulation of the biosynthesis of 
such enzymes is key for optimal ecological fitness and resource allocation. Within model 
lignocellulolytic aerobic fungi, e.g. Aspergillus niger and Trichoderma reesi, growth on 
lignocellulosic biomass causes a drastic induction of cellulolytic and lignocellulolytic enzymes 
from almost undetectable transcriptional levels on glucose-grown cultures, to ≈ 12-20% of the 
overall mRNA [24, 25]. This induction pattern is associated with a drastic change in the relative 
composition of the CAZyme transcriptome from a glucoamylase-dominated profile when grown 
on glucose or other soluble substrate, to an endoglucanase-, cellobiohydrolase-, xylanase-, 
arabinofuranosidase-, acetyl-xylan esterase-, and polysaccharide monooxygenase-dominated 
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profile when grown on lignocellulosic biomass [24, 25]. On the other hand, multiple anaerobic 
prokaryotes (e.g. Clostridium cellulolyticum, C. phytofermentans, and C. thermocellum) possess 
constitutively expressed CAZymes and a high overall transcriptional levels of lingocellulolytic 
enzymes is observed in glucose-grown cultures [26-28]. Indeed, it is postulated that glucose 
sensing appears to act as a priming mechanism that stimulates a wide range of CAZymes 
biosynthesis [26-28]. Our results suggest that anaerobic fungi employ a model similar to 
anaerobic bacteria as opposed to aerobic fungi. This conclusion is in accordance with our 
understanding of the ecological niche and life cycle of anaerobic fungi within its restricted 
habitat in the herbivorous gut. In such an environment, the life cycle of anaerobic fungi 
alternates between metabolically dormant spores, and hyphae germinating from spores when 
ingested plant biomass is encountered in the gut. Fungal germination and growth is hence 
invariably linked to the availability of ingested plant biomass. Therefore, spore germination, 
hyphal growth, and production of lignocellulolytic enzymes in anaerobic fungi are tightly linked, 
and it is inconceivable to envision a situation in which anaerobic fungi grow solely on a soluble 
substrate within their natural habitat. Therefore we argue that, due to their ecological niche, their 
role as initial colonizers of plant biomass, and their sole dependence on plant biomass as a 
substrate within their natural habitat, the need for development of sophisticated mechanisms for 
regulating the expression of CAZyme genes is non-existent in anaerobic fungi. This is drastically 
different from what is encountered by aerobic lignocellulolytic fungi in their natural 
environments, where gradients in environmental conditions (temperature, pH, moisture), 
substrate availability (by season) and type (plant biomass versus sugars), and the relatively large 
residence time and degradation rates necessitate development of regulatory processes for 
enzymatic biosynthesis. Nevertheless, despite this constitutive pattern of CAZyme genes 
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transcription in anaerobic fungi it appears that growth on plant biomass triggers a distinct 
response in CAZyme GH families and individual transcripts (Figure 3.2, Figure 3.3). The 
rationale behind these family and transcript level shifts, observed mainly within GH families and 
transcripts involved mainly in various aspects of cellulose degradation remains unclear. 
Another interesting characteristic in lignocellulosic biomass degradation by strain C1A is 
the simultaneous engagement of a large number of functionally redundant enzymes in the 
degradation of a single polymer (e.g. cellulose or arabinoxylan). We argue that this strategy is 
employed by C1A to increase the efficacy and speed of the degradation process, and hence 
maximize the extent of plant biomass degraded within its relatively short residence time in the 
herbivorous gut. Further, the complementary nature of this strategy is further accentuated by 
variations in the location of the enzymes (cellulosomal versus free extracellular), the nature of 
the substrate targeted (chain length and side chains preferences), and the target position (e.g. 
reducing versus non reducing end) within the substrate (Figure 6). Transcripts encoding most 
enzymatic activities required for the degradation of cellulose and hemicellulose are well 
represented in both putatively cellulosomal and non-cellulosomal fractions, allowing for the 
simultaneous degradation of these polymers at two distinct locations (Figure 3.6). Strain C1A 
simultaneously transcribes high levels of GH10 and GH11 family transcripts. GH10 enzymes are 
known to have broader substrate specificity, with the capability to attack xylan backbones with a 
high degree of substitutions and smaller xylo-oligosaccharides [34]. Therefore, such a pattern of 
high co-transcription allows for the instant and sustained breakdown of xylan backbone polymer 
regardless of their length and progress in side chain removal by accessory enzymes. Finally, the 
co-transcription of GH6 and GH48 cellobiohydrolases by C1A allows for the simultaneous 
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targeting of both reducing and reducing ends of cellulose and cellooligosaccharides in plant 
biomass to improve speed and efficiency of cellulose degradation.   
Third, our results highlight the importance of anaerobic fungal cellulosomes for biomass 
degradation. While broad upregulation in FDD transcripts were observed in plant-biomass grown 
versus glucose-grown cultures, no drastic changes in membership (presence/absence) of specific 
transcripts, or composition (relative levels of specific transcripts) were observed (Figure 3.5). 
The results suggest that cellulosomal structure does not vary considerably depending on the 
growth substrate, as previously suggested. Further, FDD transcripts identified strongly suggest 
that cellulosomes represent distinct catalytic units capable of independently attacking and 
converting intact plant fibers to sugar monomers. A large number of highly transcribed 
transcripts are involved in the initial disruption of plant fiber architecture through non-catalytic 
hydrolysis of hydrogen bonds (swollenin), mobilization of target plant polymers (feruloyl 
esterases), side chains removal (acetyl xylan esterase, polysaccharide deacetylase), and plant 
polymers degradation to sugar monomers (endoglucanases, cellobiohydrolases, β-glucosidases; 
xylanases and xylosidases). 
In conclusion, our work demonstrates that strain C1A constitutively transcribes a wide array of 
lignocellulolytic enzymes under different growth conditions. Although many of these enzymes 
are functionally redundant, differences in location (cellulosomal versus free extracellular), 
substrate preference (polymer length and substitution patterns), and target position within the 
substrate (e.g. reducing versus non reducing end) allow for fast efficient utilization of target 
substrates in the relatively short time frame of availability within the herbivorous gut. The 
utilization of this indiscriminate strategy as an ecological and evolutionary necessity, as well as 
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capability of anaerobic fungi to utilize a broad range of plant biomass including lignocellulosic 
biomass substrates, render anaerobic fungi appealing, yet understudied, candidates for utilization 




Figure 3-1. Principal component analysis (PCA) of normalized GH families transcription levels. 
Normalized FPKM values of GH families under different growth conditions were used as input. 
Stars depict growth substrates and arrows represent GH families. Growth substrates with similar 
transcriptional profiles are closer together in the ordination plot than substrates with different 
transcriptional profile. The direction of the GH families arrows in the biplot are indicative of the 









Figure 3-2. Relative contribution of various GH families putatively mediating key enzymatic 








Figure 3-3. Relative contribution of dominant transcripts within various GH families under 
different growth conditions. Only families with overall transcriptional level under all growth 
conditions above 1% that of a suite of glycolytic genes (pyruvate kinase, glyceraldehyde-3-
phosphate dehydrogenase, and fructose-1,6-bisphosphate aldolase) were studied. Within these, 
genes were selected that represented 10% or more of the overall moralized FPKM under any 
growth condition. “Others” denotes all additional transcripts that never exceeded >10% of 











Figure 3-4. FDD-containing, putatively cellulosomal transcripts. Each square depicts 
transcriptional patterns under a specific growth condition as shown above the squares. The size 
of each square, and sections within, is proportional to the transcriptional level (normalized 
FPKM values). The sections are color coded by their predicted activity as follows: Green, GH 
families; Dark blue, swollenin/ expansins accessory enzymes; Pink, acetylxylan esterases, 
carboxyl esterases (CE), and feruloyl esterases (FE); Black, hypothetical proteins; Purple, 
conserved hypothetical proteins; Brown, protease inhibitors (serpins); Dark brown, serine and 
threonine protein phosphatases (P-ases), alkyl transferases (AT), proteases, and 
rhamnogalacturonases (RG); Light blue, dual activity enzymes including polysaccharide 











Table 3.1. General statistics of RNA-seq output. 








Glucose 81,468,482 12,220,272,300 121.59 590.27 349.15 0.89 
Alfalfa 58,612,544 8,791,881,600 87.48 424.67 251.20 0.99 
Energy Cane 93,381,914 14,007,287,100 139.38 676.58 400.21 0.99 
Corn stover 100,842,114 15,126,317,100 150.51 730.63 432.18 0.99 
Sorghum 141,241,616 21,186,242,400 210.81 1,023.34 605.32 0.99 
Total 
Reads/Coverage 
468,159,494 70,223,924,100 698.75 3,391.97 2,038.05 0.99 
1Genome coverage based on an estimated 100.5 Mb genome size [18]. 
2cDNA coverage is based on a 20.76% genome coding density [18]. 
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